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 Sample preparation is the main bottleneck of the analytical process, especially 
when trace analysis is the purpose.  The high demand for sustainable and more 
environmentally benign procedures in environmental analysis has driven the 
development of solventless microextraction techniques.  The purpose of the this study 
was to develop novel SPME and LPME based microextraction techniques for the 
extraction and determination of trace organic pollutants in the environmental aqueous 
samples. 
 
 Chapter 1 briefly described the importance and necessity of sample 
preparation in environmental monitoring and analysis.  It also included detailed 
discussion of conventional extraction techniques and solventless microextraction 
techniques, as well as their applications in environmental analysis.  The advantages 
and disadvantages of each approach were depicted in table for comparison.  
Additionally, the niche of microextraction combined with derivatization in analytical 
chemistry was also discussed. 
 
 Chapter 2 and 3 reported the development of a novel SPME based 
microextraction method making use of commercial polymer fiber as sorbent for the 
determination of polycyclic aromatic hydrocarbons and parabens in rainwater and 
wastewater samples, respectively.  In this technique, the extraction device was simply 
a length of a strand of commercial polymeric Kevlar fiber, that was allowed to tumble 
freely in the aqueous sample during extraction.  The extracted analytes were desorbed 
ultrasonically prior to HPLC analysis.  Under the optimal conditions, the proposed 
viii 
 
method showed good linearity ranges, low limits of detection and satisfactory of 
precisions.  The advantage of this polymeric fiber-based SPME method over classical 
SPME was the robustness of Kevlar fiber, thus it could be used as an extraction 
device directly without any fabricated device or supported apparatus.  The cost-
effectiveness of this method was proved by repeated use of a single fiber without 
deterioration in extraction capability and free of carryover problem.  This method 
gave excellent recovery in various environmental water.  In additionally, the good 
storage performance of the Kevlar fiber also demonstrated the portability of this novel 
technique for the on-site sampling. 
 
 Chapter 4 reported the possibility of using combination of two solvent 
microextraction approaches, i.e. agitation-assisted DLLME (AA-DLLME) and hollow 
fiber LPME (HF-LPME) for extracting and analyzing BPA in canal water, pond water 
and seawater samples.  Initially, the AA-DLLME was performed using an extraction 
solvent with density lower than water, and subsequently followed by HF-LPME.  
After extraction, the extract within hollow fiber was injected together with 
derivatization reagent for GC-MS analysis.  Under optimal conditions, linear range of 
four orders of magnitude, excellent limit of detection, good recovery and repeatability 
were achieved.  The elimination of disperser solvent greatly reduced the solvent 
consumption and expanded the choice of solvents for solvent microextraction. 
 
 Chapter 5 concluded the present project, described the future prospect of the 
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Introduction and Literature Review 
 
1.1 The Blue Planet 
In the era of “Anthropocene” [1], human are the dominant force that have been 
massively altering the Earth.  The human impacts on environment are substantial and 
widespread.  For examples, between one-third and one-half of the land surface has 
been transformed by human activities.  The atmospheric concentration of carbon 
dioxide has increased by nearly 30% since the Industrial Revolution.  In addition, 
about one-quarter of the worldwide bird species have become extinct.  And, more 
than half of all accessible surface freshwater has been controlled and put to use by 
humanity [2].  In fact, we are changing Earth more rapidly than we are understanding 
it. 
 
The Earth we live on gets one of its nicknames, the “Blue Planet”, from the 
way it looks from space.  About 70% of the planet’s surface is covered with water, an 
essential substance required by all living species, including humans for their survival.  
Therefore, ensuring adequate water supplies is crucial for human well-being.  
Although water exists plentifully on Earth, yet, only about 2.5% is freshwater.  And, 
because most of the freshwater is stored as glaciers or deep groundwater, it leaves 
only about one-third of freshwater readily available for human use [3,4]. 
 
 Clean water is vital for basic human needs, such as safe drinking water, 
sanitation and food production.  However, about one-fifth of the world’s population 
does not have access to safe water, and two-fifths of them suffer from the 
2 
 
consequences of unacceptable sanitary conditions [5].  A recent report by the United 
Nations Educational, Scientific and Cultural Organization [6] warned that an extreme 
water scarcity may become a widespread reality in 2030 due to population growth and 
mobility, rising living standards, changes in food consumption, and increased biofuels 
production.  Additionally, most of the accessible fresh water used for agricultural 
(70%), industrial (20%) and domestic (10%) purposes, will be polluted and can be 
contaminated with thousands of synthetic and natural chemical compounds [5,6].  
Table 1.1 shows the examples of ubiquitous water pollutants [5]. 
 
 The presence of organic pollutants in surface waters has been studied since the 
early 1970s [7].  Although most of these pollutants are present at trace concentrations, 
the long-term consequences on aquatic life and human health are still largely 
unknown, but some acute and chronic effects (e.g. cancer, reproductive disorders, 
allergies, toxicological effects on wildlife and contamination of the food chain) have 
been reported [4].  It therefore comes without a surprise that this key environmental 
problem has been noticeably increasing public awareness to protect and safeguard 
living environmental, both locally and globally.  Hence, in order to better assess water 
quality and evaluate the freshwater's environmental impact, there is a need to monitor 
the sources and fate of freshwater in the aquatic ecosystem. 
 
1.2 Environment Analysis and Sample Preparation 
Environmental application has been the main driving force behind the development of 
many sample preparation techniques.  The advent of more sensitive and reliable 
methodology to monitor the environment has also been impelled by governmental 
necessity to elevate public living standards and quality [8].  However, monitoring  
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Table 1.1  Examples of ubiquitous water pollutants. (Adapted from [5].) 
Sources Category Examples 





Benzene, toluene, ethylbenzene, 
xylene 




















Geogenic chemicals Heavy metals 
Inorganics 
Taste and odor 
Cyanotoxines 
Human hormones 
Lead, cadmium, mercury 












environmental pollutants was continuously a formidable challenge for analytical 
chemist.  Despite the unprecedented progress made in measurement techniques and 
analytical tools over the last few decades, the simple approach of “dilute and shoot” is 
usually incompatible with environmental determinations.  This is because most of the 
pollutants are present as mixture components in very complex and diversified 
environmental matrices, such as air, water, soil and biota [9,10].  Since the risk of 
4 
 
interference increases with the complexity of the matrices studied, a proper sample 
preparation before instrumental analysis is commonly mandatory in an analytical 
process. 
 
 There are five consecutive steps in a modern analytical process, i.e. sampling, 
sample preparation, separation, detection and data analysis.  Common steps involved 
in analytical process and some popular sample preparation procedures [11] are shown 
in Figure 1.1.  The next analytical step cannot begin until the preceding one has been 
completed.  Each step is important for obtaining accurate and valid results, but sample 
preparation is critical for unequivocal identification, confirmation and quantification 
of analytes [8].  Sample preparation is often the bottleneck in the analytical process, 
especially when trace analysis is the purpose [12].  Generally, organic pollutants are 
present in waters in trace concentrations at parts per billion (ppb) levels and often 
below [13]. 
 
 The progressive goals of sample preparation are to isolate and concentrate the 
target analytes from various matrices, remove the possible interferences, and convert 
the analytes into a more suitable form for separation and detection.  Chemical 
modification of the target analytes could be involved for an easy isolation, and facile 
later separation and detection [8].  Unfortunately, analysts are seldom recommended 
or even permitted to inject samples without any sample preparation.  Usually, as a 
procedure, several sample preparation steps are necessary between sampling and the 
instrumental analysis.  For instance, a trace analysis requires more stringent sample 


































Popular sample preparation procedures 
 Weighing 
 pH adjustment 
 Filtration 
 Dilution 
 Internal standard addition 





 Solid-phase extraction 
 Liquid-liquid extraction 
 Drying 
 Vortexing 







 Headspace extraction 
 Homogenization 
 Soxhlet extraction 
 Purge-and-trap 







 Cell disruption 
 Pressurized-solvent extraction 
 Matrix solid-phase dispersion 
 Microwave-assisted extraction 
 Trace enrichment 
 Supercritical fluid extraction 
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 The result of a survey [11] showed that more than 50% of the analysts used 
two or more steps per sample analyzed during a sample preparation.  Some (5%) even 
used seven or more steps, which indicated the complexity of the samples encountered 
(Figure 1.2).  Other literature reports indicated that up to 80% of the total analysis 
time was devoted to sample preparation [8] and up to 75% of analytical errors 
stemmed from sample preparation step [14].  Fewer sample preparation steps before 
injection achieved better results because each step would require additional time and 

















Figure 1.2  Number of sample preparation steps required per sample. 
 
 The importance of sample preparation has been extensively discussed in 
numerous excellent books [9,15,16] and reviews [8,10,17-19].  Moldoveanu and 
David [15] described various sample preparation approaches in chromatography in a 
methodical way.  Mitra [9] provided an overview and diverse aspects of sample 
preparation techniques in chemical, biological, pharmaceutical, environmental and 
material sciences.  Nollet [16] discussed the important theoretical and practical 
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aspects of sample preparation techniques, separation methods and detection modes in 
the chromatographic analysis of different environmental compartments.  Pawliszyn 
[10] summarized the fundamental aspects  of sample preparation (equilibrium 
conditions and kinetics of mass transfer) and anticipated the future developments lead 
to on-site implementation.  Smith [17] emphasized and examined the importance of 
sample preparation methods by providing many examples on extraction and 
concentration of analytes from solid, liquid and gas matrices.  Raynie [18,19] 
reviewed the fundamental developments and related methodologies of newly 
developed extraction techniques during 2002 and 2005, with an inclusion of some 
novel applications.  Recently, Chen et al. [8] composed a panorama of sample 
preparation with a focus on some fast developed promising methods.  Some criteria 
for evaluating a sample preparation method have also been proposed for reference. 
 
1.3 Conventional Extraction Techniques 
There is a wide range of extraction techniques available, many of which have changed 
little over the last 100 years [17].  In most analytical laboratories, decades-old 
extraction procedures are still in routine use.  These classical extraction approaches 
include liquid-liquid extraction (LLE), Soxhlet extraction, ultrasound-assisted 
extraction (UAE), supercritical fluid extraction (SFE), pressurized liquid extraction 
(PLE), microwave-assisted extraction (MAE), solid-phase extraction (SPE), static 
headspace (HS), and purge and trap (P&T).  Generally, the selection of appropriate 
techniques for extraction of organic compounds from environmental aqueous matrices 






Figure 1.3  Classification of conventional extraction techniques. 
 
1.3.1 Liquid-Liquid Extraction 
LLE, also known as solvent extraction, is the simplest and most commonly used 
approach for extraction of nonvolatile and semivolatile organic analytes from aqueous 
samples.  Historically, LLE was the first sample preparation used in analytical 
chemistry.  Organic chemists have used LLE for over 150 years for isolating organic 
substances from aqueous solutions [20].  Classical LLE (discontinuous LLE) is 
accomplished by shaking the aqueous sample (e.g. 1 L, specified pH) thoroughly with 
an immiscible organic solvent (e.g. 60 mL) that is denser than water in a separatory 
funnel.  The mixing process creates a large interfacial area between the two liquids to 
facilitate efficient mass transfer of the target analytes from the sample solution into 
Organic compounds 
Nonvolatile and semivolatile Volatile 
Liquid sample 
 Liquid-liquid extraction 
 Solid-phase extraction 
Solid sample 
 Soxhlet extraction 
 Ultrasound-assisted 
extraction 
 Supercritical fluid 
extraction 




Liquid and solid sample 
 Static headspace 
 Purge and trap 
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the solvent.  After resting period, the mixture will separate into two phases with the 
analytes preferentially partitioned toward the organic phase.  Then the solvent is 
separated, and the extraction step is repeated multiple times.  Lastly, the solvent 
extracts are combined and evaporated prior to the analytical step.  If the sample 
volume is large and the analyte concentration is low, automated LLE (continuous 
LLE) can be used [21-23].  In spite of several drawbacks, such as formation of 
emulsion and large solvent consumption, LLE is still widely used due to its 
instrumentation simplicity and extensive implementation in US Environmental 
Protection Agency (USEPA) protocols and European Union (EU) standard methods 
[24,25]. 
 
1.3.2 Soxhlet Extraction 
Soxhlet extraction is one of the oldest and most wisely used techniques for extracting 
nonvolatile and semivolatile organic compounds from solid samples such as clay, soil, 
sludge, sediment and waste.  It was invented in 1879 by Franz von Soxhlet initially 
for the extraction of lipid from a solid material [26].  This technique is based on 
exhaustive extraction, which the technique extracts the total amount of analyte present 
in the sample.  The sample (1-100 g) is held in a porous cellulose thimble and 
extracted continuously with a fresh aliquot of distilled and condensed organic solvent.  
Soxhlet extraction normally requires large amounts (250-500 mL) of often chlorinated 
solvent to be refluxed through the solid sample for between 6 and 48 hours.  The 
completed extraction produces a large volume, dilute and dirty extract that require 
solvent evaporation and extensive cleanup prior to analysis.  As a rugged and well-
established technique, Soxhlet is often used as the benchmark method for evaluating 
new extraction techniques.  Commercially available automatic Soxhlet system (e.g. 
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Soxtec) is capable of performing extraction procedures with much shorter extraction 
times (e.g. 2 h) and less organic solvent (e.g. 50 mL) while achieving comparable end 
results [24,27,28]. 
 
 There is always a considerable cost for the acquisition and disposal of the 
solvents, and the usage of many chlorinated solvents at variance with current 
environmental awareness and legislation.  During the solvent reduction step of most 
extraction procedures, the solvents are frequently disposed into the atmosphere, which 
cause unwanted atmospheric pollution, such as smog and ozone depletion [10].  To 
address this issue, the Montreal Protocol treaty was signed over a decade ago to 
stipulate the reduction of solvent use [29].  As the demands for minimizing solvent 
consumption and reducing extraction time keep increasing, alternative extraction 
techniques have been developed during the last three decades.  UAE, SFE, PLE and 
MAE have been developed as alternatives to Soxhlet extraction, while SPE was 
introduced as common alternatives to LLE. 
 
1.3.3 Ultrasound-Assisted Extraction 
The simplest solid-liquid extraction technique is to blend the solid sample with an 
appropriate organic solvent and ultrasonicate them at room temperature [30].  UAE, 
also known as ultrasonic extraction, uses ultrasonic vibration to agitate the sample 
(e.g. 30 g) immersed in the organic solvent (e.g. 100 mL).  Ultrasonic energy (20-40 
kHz) in the form of acoustic sound waves is used to accelerate mass transfer and 
mechanical removal of analytes from the solid matrix surface through induced 
cavitation.  Cavitation is a physical phenomenon by which the formation and 
implosion of numerous tiny vacuum bubbles occur when ultrasonic waves cross 
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through a liquid media, thus creating microenvironments with extremely high 
temperatures (5000oC) and pressures (1000 atm) [31,32].  The size of the bubbles is 
relatively very small to the total solvent volume, so the heat generated is rapidly 
dissipated without appreciable change in environmental conditions [33,34]. 
 
 UAE is relatively fast (5-30 min) and allows extraction of large amounts of 
sample with a relatively low cost.  However, its extraction efficiency is not as high as 
Soxhlet extraction.  Moreover, it still consumes about as much solvent as the Soxhlet 
extraction, and requires filtration and cleanup after extraction.  For low concentration 
samples, multiple extractions need to be carried out.  It is labor intensive because 
apart from the polarity of the solvent, the extraction efficiency is also dependent upon 
the homogeneity of the sample matrix, the ultrasound frequency and sonication time 
used [24,30]. 
 
 Ultrasound applications are carried out in discrete systems using an ultrasonic 
bath or ultrasonic probe [35].  Like Soxhlet extraction, UAE is also recognized as an 
established conventional method which has been adopted as a USEPA method.  
However, it is not widely used for analytical extraction.  In some cases, UAE is an 
expeditious, inexpensive and efficient means to innovate some conventional 
extraction techniques such as LLE, Soxhlet extraction, SFE and PLE [36-40].  UAE 
has been traditionally used for the extraction of organic compounds from solids, since 
unsophisticated instrumentation can be used and separations can be performed at 
ambient temperature, normal pressure and under mild chemical conditions [32].  UAE 
is also an effective method for extracting heavy metals from environmental and 
industrial hygiene samples [41-43] without drastic preparation procedures, such as the 
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use of concentrated acids, high temperatures and pressures [33].  The recent 
technological advances in ultrasonic engineering also opened new trends for 
ultrasonic applications in proteomics, nanomaterials and polymer science [31,44]. 
 
1.3.4 Supercritical Fluid Extraction 
SFE was introduced in the early 1990s and was anticipated to be the panacea to solve 
all sample extraction problems for solid samples [45].  SFE utilizes the unique 
properties of supercritical fluids to facilitate the extraction of organics from solid 
samples.  At the critical point, i.e. critical temperature (Tc) and critical pressure (Pc), 
substance can exist as a vapor and liquid in equilibrium.  Carbon dioxide (CO2) is 
currently the solvent of choice.  By varying both temperature and pressure above its 
critical values (Tc = 31.3oC, Pc = 72.9 atm [27]), supercritical CO2 possesses both 
rapid penetrating characteristics of gases and solvating power of liquids, which make 
it more desirable for extraction [46,47].  The SFE can be performed in static, dynamic 
or recirculating mode [48] using commercially available equipments, where the fluid 
is pumped through the sample held in an extraction vessel within a closed system.  
The extracted analytes can be collected into an off-line device or transferred to an on-
line chromatographic system for direct analysis. 
 
 SFE decreases the use of large amounts of solvents as used in conventional 
Soxhlet and ultrasonic extraction.  SFE is fast (30-60 min) and it uses small amount of 
solvents (5-10 mL) for collection of extracted analytes.  CO2 is a nontoxic, 
nonflammable, chemical inertness and environmentally friendly solvent.  Furthermore, 
the extraction selectivity can be adjusted by regulating pressure, temperature and the 
content of modifiers.  However, having numerous adjustable parameters made SFE 
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flexible on one hand, but also made it tedious in optimization and difficult in 
execution on the other hand.  Additional drawbacks of SFE include limited sample 
size (<10 g) and high cost of the equipment [24,27].  Notwithstanding, SFE has wide 
range of applications in the extraction of nonpolar to low polarity compounds from 
environmental, pharmaceutical, polymeric, natural product and food samples [49-53].  
However, since CO2 is limited in its ability to solvate polar compounds; a modifier 
(polar organic solvent, 15%) is added to extend its utility to polar and even ionic 
compounds.  
 
 Among various samples, SFE works best for powdered solids with good 
permeability.  Extractions of liquid samples can also be achieved by SFE but with a 
certain degree of difficulty [54-57].  Despite its high analytical potential, SFE did not 
achieve its purported goals and its implementation for routine analyses actually 
declined over past decade.  Such a decline of the SFE usage was due to its main 
shortcomings, i.e. poor equipment robustness, lack of standard extraction procedures, 
difficulties in extracting polar analytes, difficulties in dealing with natural samples 
and inefficiency in cleanup [58,59].  Thus, how to facilitate the use of SFE remains a 
challenge. 
 
1.3.5 Pressurized Liquid Extraction 
PLE, also known as pressurized solvent extraction, accelerated solvent extraction 
(trademarked by Dionex in 1995) or pressurized fluid extraction (endorsed by the 
USEPA in 1996) has evolved as a consequence of many years of research on SFE.  
PLE uses conventional solvents at elevated temperatures (100-180oC) and pressures 
(100-140 atm) to enhance the extraction of organic analytes from solids with a 
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significant reduction in time (10-20 min) and solvent consumption (1-100 mL) 
[27,45]. 
 
 During PLE, the sample is placed in a stainless steel extraction cell and the 
solvent is heated above its atmospheric boiling point in a closed system.  The solvent 
boiling point is increased under high pressure, so the extraction can be carried out at 
higher temperatures.  The high pressure also enables the solvent to penetrate deeper 
into the sample matrix, which facilitates the extraction of analytes trapped in matrix 
pores.  Meanwhile, raising the temperature increases solubility of the analytes, 
enhances mass transfer and diffusion rate, weakens the bonds between analytes and 
matrix, and also decreases the viscosity and surface tension of the solvent.  All these 
changes lead to faster extraction and less solvent consumption compared to Soxhlet 
extraction [60,61]. 
 
 Method development for PLE is quite simple because it can use same solvents 
as other existing methods like Soxhlet and UAE.  Solvents that work poorly in 
classical methods perform well under PLE conditions [27,61].  The thermal stability 
of the analytes should be considered while operating at higher temperatures and 
pressures [24].  Despite high equipment cost, PLE as a fully automated technique is 
especially useful for routine analyses of environmental pollutants [62-64].  More 
recently, the distinct advantages of this technique are also being exploited for 






1.3.6 Microwave-Assisted Extraction 
MAE was first applied in 1986 for the extraction of crude fats and antinutrients from 
food and pesticides in soil [67].  A patented variant of MAE, i.e. microwave-assisted 
process has also been developed by Environment Canada [68,69].  As part of the 
evaluation of new sample preparation techniques which minimize waste solvents, 
USEPA has initiated the studies to investigate the analytical potential of MAE in 
environmental application in the early 1990s [70,71].  MAE was approved by the 
USEPA in 2000 as a standard method for the extraction of semivolatile and 
nonvolatile organic compounds from solid matrices [27]. 
 
 The MAE is the process of heating sample-solvent mixtures in a closed vessel 
with microwave energy under temperature and pressure controlled conditions.  The 
extraction also can be performed in an open vessel at atmospheric pressure [72].  In 
closed-vessel system, the throughput is high as it allows simultaneous batch extraction 
of up to 14 samples per run.  However, in the open-vessel system, only a single vessel 
can be used at a time.  Multiple open-vessels need to be processed sequentially 
[27,73].  The use of open-vessel is the common practice in Soxhlet extraction [74].  
Unlike conventional heating, microwave heating transform electromagnetic energy 
into heat through ionic conduction and dipole rotation, which heat the extraction 
sample from the inside out in a very short time without heating the vessels [75-77]. 
 
 Using microwave irradiation, the degradation effects of high temperatures can 
be avoided [75].  The microwave energy (2.45 GHz, 1000-1600 W) provides very 
rapid heating of the sample batch at the elevated temperatures above the atmospheric 
boiling point of the solvent, which shorten the extraction time (10-20 min per batch) 
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and reduce the solvent consumption (10-30 mL per sample).  After the heating cycle 
is complete, the vessels are cooled to room temperature before they can be opened.  
Finally, the extract is filtered and concentrated before analysis [27]. 
 
 The extraction solvents available for MAE are limited because optimal 
solvents cannot be deduced directly from those used in conventional procedures.  
Only solvents that absorb microwave can be applied in a microwave extraction.  Polar 
solvents such as acetone, methanol and acetonitrile have more dipoles [78], capable of 
absorbing the microwave energy and being heated rapidly, are readily adaptable to 
MAE. 
 
 Safety features are essential to a MAE apparatus because it deals with 
microwave radiation, high pressure and temperature.  The simplicity of the MAE 
system may pose safety hazards if proper measures are not implemented or the 
experiments are not properly conducted [76].  For instance, the solvent volume must 
be sufficient to completely immerse the sample to prevent electrical arcing [79].    For 
safety precautions, it is highly recommended that only approved equipment and 
specifically operating procedures are used for MAE application [76].  Today MAE 
has matured and mainly used for the extraction of organic pollutants from 
environmental samples [69,73,75,76,80].  MAE has also been used to extract 
contaminants and nutrients from foodstuffs, active ingredients from pharmaceutical, 






1.3.7 Solid-Phase Extraction 
SPE, also referred to as liquid-solid extraction, is a nonequilibrium, exhaustive 
extraction of analytes from a flowing liquid sample via retention on a contained solid 
sorbent and its subsequent recovery of target analytes by elution with a minimal 
volume of solvent from the sorbent [83].  SPE is presently the most popular sample 
preparation method.  There are more than 50 companies currently manufacturing 
products for SPE [84]. 
 
 The history of SPE can be traced back to 60 years ago, with the first 
experimental trial using granular activated carbon for the trace enrichment of organic 
compounds from water by the US Public Health Service [85].  However, the 
disadvantages encountered during the use of activated carbon, such as irreversible 
adsorption, analyte reactions on the activated carbon surface and low recoveries have 
hampered its development and applications [86,87].  The modern era of SPE started in 
1970s following the introduction of disposable cartridges containing bonded silica 
sorbents for sample processing by gentle suction [83,88,89].  But a significant 
breakthrough in SPE was achieved only over the past decade with many 
improvements in format, automation and introduction of new sorbents for trapping 
polar analytes [13,84].  Since then SPE has become the method of choice in many 
environmental analytical applications and has also been gradually accepted as an 
alternative extraction method to LLE in many USEPA methods [47].  It is now the 
most common sample preparation techniques in environmental, clinical, 




 SPE was initially developed as a complement or replacement for LLE.  
Conventional LLE is laborious, time consuming, high solvent consumption, difficult 
to automate, and frequently plagued by emulsion formation.  In addition, LLE often 
suffers from poor recoveries for many polar analytes which have relatively high 
partial solubility in water [13,84].  By contrast, SPE benefits from shorter extraction 
time, low solvent consumption, and simpler extraction procedures with a higher 
concentration factor.  In addition, SPE is easily automated for simultaneous 
extractions with multiwall extraction plates [91,92] which increasing throughput and 
reducing labor costs.  Moreover, SPE has favorable properties for field sampling by 
eliminating the need for transporting and storing the bulk samples.  However, SPE 
cartridges and disks are relatively expensive and it may not retain very polar analytes.  
Moreover, limited sorption capacity of sorbents, analytes displacement and plugging 
of sorbent pores by suspended particulate matter in SPE could affect the analyte 
recoveries.  In order to avoid clogging and channeling problems that reduces the flow 
rate and prolongs the SPE, remove the excessive particulate matter by filtration or 
centrifugation is necessary prior to SPE [83,89,93-95]. 
 
 Generally, SPE consists of four distinct steps, i.e. conditioning, adsorption, 
washing and elution (Figure 1.4) [96].  Initially, the sorbent is conditioned with 
adequate solvent to improve the reproducibility of analytes retention and to elute any 
adsorbed organic impurities from the SPE bed.  Then the liquid sample is passed 
through the column, where the analytes and some interferences are retained.  A 
controlled liquid sample flow rate is maintained by attaining a gentle vacuum through 
a pump.  After that, the sorbent is rinsed with a weak solvent to eliminate undesired 




Figure 1.4  Typical steps involved in solid-phase extraction. 
 
analytes are eluted from the sorbent using a small volume of strong solvent for 
obtaining an interferences free and concentrated extract for subsequent determination 
[88,90,94,97]. 
 
 The selection of sorbent and the solvent system used are paramount 
importance for effective preconcentration and cleanup of the analyte in the sample.  A 
general guide for sorbent selection based on the sample solvent and analyte type is 
shown in Figure 1.5 [88].  With the recent advances in sorbent technology, there are 
an ever-increasing range of sorbents for trapping analytes over a wide range of 
polarities.  However, there is no universal sorbent for all purposes exists which 




Figure 1.5  Method selection guide for the isolation of organic compounds from 
solution.  SAX, strong anion exchanger; SCX, strong cation exchanger; WCX, weak 
cation exchanger; RP, reversed-phase sampling conditions; NP, normal-phase 
sampling conditions; IE, ion-exchange sampling conditions. (Reprinted from [88]. 
With permission from Elsevier.) 
 
 The classic SPE sorbents can be categorized into chemically bonded silica, 
carbon and polymeric sorbents for general applications.  Reversed-phase silica 
sorbents have been the most widely used sorbents in SPE.  However, they suffer from 
low recovery in extracting polar compounds, instability at extreme pH and the 
presence of residual silanol groups [89].  Carbon-based sorbents, such as graphitized 
carbon black and porous graphitic carbon [98] have greater adsorption capacity, and 
chemical, thermal and mechanical resistance, but show excessive or irreversible 
retention [99].  The most extensively used polymeric sorbents are polystyrene-
divinylbenzene (PS-DVB) copolymers, with a hydrophobic surface [100].  Polymeric 
sorbents overcome many of the limitations of silica-based and carbon-based sorbents 
because polymeric resins have broader range of pH stability and greater polar analytes 
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retention as well as free of ionized silanol groups.  However, PS-DVB sorbents are 
less selective due to their highly hydrophobic characteristics [83,89]. 
 
 In order to minimize the problem of co-extracting matrix interferences that are 
usually present at higher concentration than the trace levels of target analytes, 
immunosorbents (ISs), molecularly imprinted polymers (MIPs) and restricted access 
materials (RAMs) have been developed to obtain better selectivity [101,102]. 
 
1.3.8 Static Headspace 
From the analytical point of view, volatile organic compounds (VOCs) can be defined 
as organic compounds that have a boiling point 100 oC and/or a vapor pressures >1 
mm Hg at 25 oC [103], and with molecular masses range from ca. 16-250 [104]. 
 
 Headspace extraction is one of the most widely used techniques for VOCs 
extraction from a variety of matrices.  This is mainly because the extraction phase (air 
or inert gas) is compatible with most analytical instruments, and matrix effects and 
cleanup are minimized [105].  Headspace extraction is generally defined as a vapor 
phase extraction which involves a partition of analytes between a nonvolatile liquid or 
solid phase and the vapor phase above the liquid or solid matrix to be extracted [106].  
Basically, two different modes of headspace techniques can be distinguished, i.e. 
static and dynamic headspace extraction.  Both headspace methods can be automated 
by commercially available headspace autosamplers. 
 
 Static headspace (HS), also known as headspace has been used with gas 
chromatography (GC) since 1958 [106].  HS is a straightforward extraction method, 
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where the sample (liquid or solid) is placed in a closed system (generally septum 
sealed vial) at a given temperature for a period of time during which the volatiles 
diffuse into the headspace of the vial.  Once the thermodynamic equilibrium 
partitioning is reached between the headspace and the sample matrix, the 
nonexhaustive extraction will then proceed, which involves headspace sampling 
(manually or automatically) with a syringe and introducing it into GC for analysis 
[107]. 
 
The ease of sample preparation is the main advantage of HS, where a sample 
can be placed directly into the vial and qualitatively analyzed without additional 
treatment [107].  However, partitioning of volatiles from solid sample into the 
headspace is often reduced because of the matrix effects [108].  In order to eliminate 
the matrix effects and increase sensitivity, multiple headspace extraction is developed 
to enable direct quantitative determination of volatiles in solid or complex liquid 
samples by performing stepwise headspace extraction [109].  HS has been a primary 
tool for analyses of VOCs in environmental, flavor and fragrance for decades and 
presently is also used for pharmaceutical, clinical and biological analyses [106]. 
 
1.3.9 Purge and Trap 
In dynamic headspace extraction, so called purge and trap (P&T), VOCs are extracted 
by purging the sample continuously (above or through) with an inert gas stream, 
trapped into a cryogenic or sorbent device and subsequently thermally desorbed into 
GC for analysis [108].  In environmental matrices, where VOCs concentrations are 
particularly low (mostly ppt to ppb) [105], P&T is preferred over HS when large 
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degree of analytes concentration or where an exhaustive extraction of analytes is 
required [107]. 
 
Since the first attempt in 1967, P&T as a solvent-free technique has became 
the technique of choice (e.g. USEPA methods 501 and 524.2) for routine analysis of 
volatile organic pollutants in environmental, biological, food and pharmaceutical 
samples [108].  Despite the detection limit obtained with P&T is often more than 10 
times lower than those achieved with HS [110], P&T, however suffers from complex 
instrumentation, water vapor interferences, cross contamination, foaming, time 
consuming and labor intensiveness [105,111,112]. 
 
1.3.10 Comparison of Conventional Extraction Techniques 
The overview of the classical extraction approaches is concluded with a comparative 
table highlighting the relative strengths and weaknesses of the various techniques 
(Table 1.2).  They are compared on the basic of extraction time, solvent consumption, 
equipment cost, matrix effect, selectivity, sample throughput, applicability, cleanup 
requirement and automation. 
 
1.4 Solventless Microextraction Techniques 
The growing public concern over deteriorating environmental conditions and 
protecting our environment has led to intensive environmental analytics [113] and 
monitoring.  It is unfortunate irony that environmental analytical methods used to 
assess the state of environmental pollution often contribute to further environmental 
problems [114].  This is because many analytical procedures require hazardous 
chemicals as part of sample preservation, preparation, quality control, calibration and  
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Table 1.2  Advantages and disadvantages of conventional extraction techniques. 
Techniques Advantages Disadvantages 
LLE Low cost apparatus 
Widely available pure solvents 
Long extraction time 
Formation of emulsion 
Large consumption of pure solvents 
Loss of analytes during evaporation 
Soxhlet 
extraction 
Very simple and easy to use 
Not matrix dependent 
Unattended operation 
Long extraction time 
Large solvent consumption 
Evaporation mandatory 
Cleanup necessary 
UAE Fast extraction 
Not matrix dependent 
Relatively inexpensive equipment 
Large solvent consumption 
Labor intensive 
Filtration required 
Decomposition of compounds 
possible 
SFE Fast extraction 
Minimal solvent consumption 
CO2 is environmentally friendly 
Controlled selectivity 
Matrix dependent 




PLE Fast extraction 
Low solvent consumption 





MAE Fast and multiple extraction 
High sample throughput 
Low solvent consumption 
Polar solvent needed 
Cleanup mandatory 
Moderately expensive equipment 
Filtration required 
Waiting time for vessels to cool 
down 
SPE Fast extraction 
Selective 
Low solvent consumption 
High enrichment factors 
Ease of automation 
Expensive cost of cartridge and disk 
Limited sorption capacity of sorbent 
Plugging of sorbent 
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Table 1.2  Continued 
Techniques Advantages Disadvantages 
HS Simplicity of operation 
Elimination of solvent 
Ease of automation 
Low sensitivity 
Matrix effect 
P&T Low detection limit 
Elimination of solvent 
 
Complex instrumentation 






equipment cleaning.  As a consequence, a large amount of chemical waste is 
generated and some chemicals employed for analyses are even more toxic than the 
original analyzed sample [115,116]. 
 
 With a present tendency towards green analytical chemistry [115-118], the 
development of solvent-free or solventless sample preparation methods is of great 
interest due to both ecotoxicological and economical considerations.  A solventless 
approach can avoid the emission of toxic solvents into the environment and, at  the 
same time, reduce the cost of expensive high purity solvents [114,119,120].  Green 
analytical chemistry is formulated from the twelve principles of Green Chemistry 
[121-124] with top implementation priorities in preventing waste generation, utilizing 
safer solvents and auxiliaries, implementing designs with a high energy efficiency, 
reducing derivatives, performing real-time analyses for pollution prevention, and 




 Comparing with conventional LLE method, a significant reduction of the 
solvent usage can be accomplished with SPE, which, however, still requires milliliter 
volume of organic solvents.  Those techniques which reduce solvent consumption (e.g. 
UAE, SFE, PLE and MAE) by applied enhancing factors (e.g. elevated temperature 
and pressure, microwave or ultrasound) during sample preparation are becoming more 
popular recently.  Yet, in many applications a small volume of organic solvent or 
modifier is required for use in the extraction step.  Moreover, thermally labile analytes 
may be decomposed and the amount of coextracted nontarget compounds may be 
higher than that at lower temperature.  Strictly speaking, these approaches cannot be 
considered as real solventless techniques. 
 
 The increasing demand for analyses of very low concentrations of analytes in 
complex matrices requires elimination of interferences and reduction of final volumes 
of extracts in order to furnish a higher concentration of analytes.  They may hence 
facilitate sensitive detection with low quantification limits.  In addition, 
environmental pressure also demands more and more sustainable procedures which 
reduce the volume of organic solvent to very small amounts [12].  Thus, it is not 
surprising that a lot of effort has been devoted to the development of solventless 
sample preparation methods that are faster, safer and more environmentally friendly 
in the last two decades [127]. 
 
 Besides reducing the amount of sorbent, the adverse environmental impact of 
analytical methodologies can also be decreased by miniaturization [116].  During the 
last few years, there was a growing interest in microscale separation and analysis.  
The advantages of miniaturization include simplicity and rapidity, reduced cost, high 
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precision and sensitivity, increased sample throughput, minimized sample handling 
steps, decreased sample sizes and the usage of organic solvents and sorbents, 
portability, on-site compatibility, and possibility of system integration [10,24,128].  
Development of miniaturization can be made in nonchromatographic [129] and 
chromatographic [130-132] separation methods. 
 
 Microextraction or miniaturized extraction, defined as nonexhaustive sample 
preparation with a very small volume (microliter or smaller) of extracting phase 
relative to the sample volume [133], has become a dominant trend in the field of 
analytical chemistry.  Exhaustive extraction techniques (e.g. LLE and SPE) enable a 
complete recovery of analytes from a sample matrix and subsequently transfer them to 
the extraction phase.  However, such techniques tend to result in labor-intensive and 
costly procedures [134].  On the contrary, nonexhaustive approaches, which are based 
on an equilibrium for extracting only a portion of the analytes present in the sample 
tend to be simpler, less expensive, more selective and requiring less cleanup [83]. 
 
In a microextraction, analytes are extracted by a small volume of solid or 
semi-solid polymeric materials, as in solid-phase microextraction (SPME), or 
alternatively by a small volume of a liquid, as in liquid-phase microextraction 
(LPME).  Actually, the concept of microextraction techniques dates back to the 1970s 
and 1980s [135,136].  It clearly gained a tremendous significance with the 
development and commercialization of SPME in the 1990s.  During recent years, 
solventless microextraction techniques have generated substantial popularity in 
environmental analysis.  These microextraction techniques, which are still evolving, 
include SPME, stir bar sorptive extraction (SBSE), single-drop microextraction 
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(SDME), hollow fiber LPME (HF-LPME) and dispersive liquid-liquid 
microextraction (DLLME). 
 
1.4.1 Solid-Phase Microextraction 
SPME was developed by Arthur and Pawliszyn [137] in 1990 in an attempt to redress 
limitations inherent in SPE and LLE.  It is a simple and rapid sample preparation 
technique that integrates sampling, extraction, concentration and sample introduction 
into a single solvent-free step [138,139].  The development of SPME has experienced 
significant growth since the first commercial SPME device was marketed by Supelco 
in 1993 [140].  In the relatively few years since its inception, SPME has evolved to 
become a mature technique and a useful alternative to contemporary techniques in 
various scientific and research fields [141].  Not surprisingly, a recent survey revealed 
that SPME was one of the six “Great Ideas of the Decade” [142]. 
 
 During the SPME process, the analytes are partitioned between the coated 
fiber and the sample matrix.  SPME enables the trace enrichment of analytes by a 
simple exposure of a fused-silica fiber coated with an appropriate polymeric layer to a 
gas or liquid sample (2-5 mL) for a selected time (2-60 min).  It then continues with a 
subsequent desorption of the target analytes into injection port of chromatographic 
instruments [129,143].  Samples are analyzed after an equilibrium is reached or at a 
specified time prior to achieving an equilibrium [144].  SPME operationally 
encompasses nonexhaustive, equilibrium and preequilibrium microextraction 
techniques.  The theoretical and practical aspects of SPME have been examined in 
considerable details in a number of books [138,145,146] and reviews [139,140,147-
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149].  Currently, SPME has been widely used to monitor residues of chemicals in 
variety of environmental [150-157], biological [158-164] and food [165,166] samples. 
 
There are two configurations of SPME, i.e. fiber SPME and in-tube SPME 
(Figure 1.6) [167,168].  The theories behind fiber and in-tube SPME methods are 
similar.  With fiber SPME, the analytes are adsorbed on the outer surface of the fiber 
from an agitated sample solution; while with in-tube SPME, they are adsorbed on the 
inner surface of the capillary column from a flowing sample solution.  Therefore, with 
in-tube SPME, it is necessary to prevent plugging of the capillary column and flow 
lines by filtering the sample solution before an extraction.  On the other hand, the 
fiber SPME should be handled carefully during insertion and agitation because the 
fiber is fragile and may break easily [138,140]. 
 
 
Figure 1.6  Extraction of analytes by (a) fiber and (b) in-tube SPME. (Reprinted from 
[167]. With permission from Elsevier.) 
 
 SPME methods have been used in combination with GC and liquid 
chromatography (LC) as illustrated in Figure 1.7 [165].  Fiber SPME is the initially 
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developed and most widely used in combination with GC, where the extracted 
analytes are thermally desorbed into the injection port of the GC system (Figure 1.7c).  
Fiber SPME is also most suited for an automation with GC using a commercial GC 
autosampler [169].  However, a fiber SPME is generally limited to the analysis of 
volatile and thermally stable compounds.  It tends to encounter complexity in 
coupling with LC.  Thus, a fiber SPME incorporated with LC was usually introduced 
to analyze weakly volatile and thermally labile compounds not amenable to GC 
[140,170].  The SPME-LC interface equipped with a special desorption chamber as a 
part of injection loop (Figure 1.7d) is utilized for solvent desorption prior to LC 
analysis [171-173].  Recently, in-tube SPME using an open tubular fused-silica 
capillary column as an extraction device was developed to suit online hyphenation 
with LC [174,175].  Most of the reported applications are of the manual type.  
Automated SPME can be performed using a system commercialized by Varian 
[176,177]. 
 
Three modes of SPME can be performed, i.e. direct immersion, headspace and 
membrane-protected SPMEs (Figure 1.8) [140].  In direct immersion (Figure 1.8a), 
the coated fiber is inserted into the sample and the analytes are transported directly 
from the sample matrix to the extracting phase.  In order to facilitate rapid extraction, 
agitation such as stirring and sonication is required [178].  However, direct immersion 
decreases the lifetime of the fiber because of the salt addition, pH adjustment and 
coexisting compounds in the complex matrix [179].  In a headspace mode (Figure 
1.8b), the analytes need to be transported to the fiber through the headspace above the 
sample.  Besides protecting the fiber coating from damage by high molecular mass 




Figure 1.7  Extraction process by (a) headspace and (b) direct immersion SPME, and 
desorption systems for (c) GC and (d) HPLC analyses. (Reprinted from [165]. With 




Figure 1.8  Modes of SPME operation: (a) direct immersion, (b) headspace and (c) 




also allows changing of the matrix pH without damaging the fiber.  A headspace 
SPME is often the technique of choice if the analytes are appreciably volatile or can 
be made volatile with moderate heating of the sample [158,180,181]. 
 
A membrane-protected SPME (Figure 1.8c) is rarely used and it serves 
primarily as a means of extraction of analytes in very polluted samples in order to 
protect the coating from damage.  Membrane protection is particularly advantageous 
in determining analytes having too low volatility for the headspace approach, and 
hence offers a better selectivity to the extraction process.  However, the kinetics of 
membrane-protected SPME is substantially slower than direct immersion one because 
the analytes must diffuse through the membrane before they can reach the coating.  
Faster extraction can be achieved by using a thin membrane or an increased extraction 
temperature [151,179,182]. 
 
The study of fiber stationary phases assisted the development of SPME 
applications [183,184].  Fiber SPME is usually coated with a solid (sorbent), a liquid 
(polymer) or a combination of both.  The first commercially available fiber coatings 
were nonpolar polydimethylsiloxane (PDMS) and polar polyacrylate (PA) [185].  
About 80% of SPME work is carried out using PDMS fibers as a first attempt, then 
followed by a more polar fiber, if necessary [107].  There is no universal coating that 
will extract all analytes from a sample.  Different coating combinations contain 
blended phases, such as divinylbenzene (DVB), Carboxen (CAR), Carbowax (CW) 
and templated resin (TPR), were thus developed to exploit the extraction processes for 
SPME.  Three classes of fiber coatings are commercially available, i.e. nonpolar, 
semipolar and polar coatings [186].  These commercially available SPME fibers (from 
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nonpolar to highly polar) are PDMS, CAR-PDMS, DVB-CAR-PDMS, PA, PDMS-
DVB, CW-DVB and CW-TPR [165]. 
 
When selecting a SPME coating, the polarity of the coating should match the 
polarity of the target analyte, and the coating should be resistant to extreme physical 
(high temperature) and chemical (pH, salts and additives) conditions [159].  Despite 
their increasing popularity, SPME fibers still have a number of drawbacks that need to 
be overcome.  They include low sample capacity, inadequate thermal and solvent 
stability, low operating temperature (240-280oC), fragility of the fiber, stripping of the 
coating, bending of the needle and high cost [187,188].  Recently, the sol-gel 
technique has been used to produce amalgam organic-inorganic stationary phases, 
which increase surface area, thermal, pH and mechanical stability of SPME fiber 
[187-189]. 
 
 SPME fiber coatings are also available in different thicknesses (7-150 µm 
[143]) with single coatings, combined coatings or copolymers.  Increasing fiber 
thickness will increase the sensitivity, but it also increases the extraction times and 
may lead to sample carryover problem due to incomplete desorption [129,190].  
Moreover, the relatively small volume of fiber stationary phase used for extraction, 
regarded as one of the main limitation of SPME, actually prompted the development 
of SBSE.  Recent developments of SPME are emphasized particularly in the method 






1.4.2 Stir Bar Sorptive Extraction 
SBSE is a sorptive technique theoretically identical to SPME, but has a greater 
capacity for quantitative extraction than SPME [194].  It was introduced in 1999 by 
Baltussen et al. [195] to overcome the limited capacity of SPME fiber.  SBSE can be 
deemed a a scaled-up version or “stirrer” variation of SPME. 
 
 In contrast with the coated fiber SPME, SBSE uses a coated magnetic stir bar 
(1-4 cm) for extraction.  This format significantly increases the volume of the 
extraction phase from approximately 0.5 µL for a typical PDMS-coated SPME fiber 
to ca. 24-126 µL for a SBSE.  Consequently, SBSE has 50-250 times larger extraction 
volume than fiber SPME [196,197].  The stir bar is simply added and stirred in the 
aqueous samples (2-20 mL) to perform extraction for a selected, but often long 
extraction time (60 min or more) [143].  After extraction, the extracted analytes are 
thermally desorbed in a glass thermal desorption tube and analyzed by GC [198].  
Alternatively, the analytes can be desorbed into a solvent for LC analysis [199].  But 
it often requires relatively large solvent volume for desorption and it may encounter 
complexity in the automation [197]. 
 
 To date, only PDMS-coated stir bars are available commercially under the 
trade name Twister from Gerstel [197].  Besides PDMS, attempts to apply other 
coatings have failed mainly because of irreproducible coating or excessive bleeding 
during thermal desorption [200].  Recently, a variant dual-phase stir bar was also 
introduced, which combined the concentration capabilities of PDMS and carbon, thus 
provide better recoveries for polar compounds [201].  SBSE has been applied 
successfully to trace analyses of volatile and semivolatile organic compounds in 
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aqueous matrices, including environmental, biological and food samples 
[196,200,202-204].  The development of novel extraction phases served to overcome 
the limitation of PDMS-coated stir bar in extracting very polar compounds without 
derivatization [203,204]. 
 
1.4.3 Single-Drop Microextraction 
The popularity of the SPME has spurred the development of similar microextraction 
techniques, such as SDME.  SDME is the miniaturized version of traditional LLE and 
is considered to be the basic of liquid-liquid microextraction technique [205,206].  
The first configuration of SDME was introduced by Liu and Dasgupta in 1996 [207], 
while its kinetics and mass-transfer model were further studied by Jeannot and 
Cantwell [208-210] together with He and Lee [211] in the early development of the 
technique. 
 
 SDME involves the extraction of organic analytes into a droplet of water-
immiscible organic solvent (typically 1-3 µL) which is suspended at the tip of a 
conventional microsyringe needle.  The droplet can either be immersed directly into a 
stirred aqueous solution or suspended in the headspace above the sample (Figure 1.9) 
[212].  After extraction, the organic drop was retracted into the syringe and 
subsequently injected into a GC system for analysis.  The microsyringe served as both 
the solvent holder and the GC sample injector.  Thus, extraction and extract injection 
could be carried out with a single device.  Unlike SPME fibers, drops can be renewed 
for each extraction.  SDME is an elegant method to overcome the limited availability 
of fiber coatings.  And, to its advantage, a wide variety of solvents and trapping 




Figure 1.9  Schematic diagram of (a) direct immersion and (b) headspace SDME. 
(Reprinted from [212]. With permission from Elsevier.) 
 
 The most dominant extraction configuration is direct immersion SDME or 
static LPME (Figure 1.9a).  It is based on the exposure of a microdrop of water-
immiscible organic solvent suspended from the tip of a microsyringe needle to a 
stirred aqueous sample.  After extracting for a prescribed period of time, the drop is 
retracted back into the microsyringe and finally injected into chromatographic 
instruments for analysis.  In order to improve extraction efficiency, dynamic LPME 
(with P for ‘phase’ because there is no ‘D for drop’ configuration) [211] was 
developed, which used the microsyringe as a separatory funnel and featured the 
repeated movement of the syringe plunger.  Extraction in dynamic LPME occurred 
primarily in the thin organic film formed on the inner side of the microsyringe barrel 
and needle.  In subsequent studies, a programmable syringe pump was used to 
automate the repetitive sample withdrawing and expelling process to further improve 
the dynamic LPME performance [214,215].  Furthermore, the use of a modified tip 
design was recommended in recent work to obviate the instability of the droplet at 
high stirring speeds [216]. 
 
 Another addition to microdrop extraction techniques is headspace SDME 
[217].  Headspace SDME (Figure 1.9b) is rather similar to headspace SPME, in which 
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volatile and semivolatile analytes are extracted from vapors formed above the sample 
solution into organic droplet (instead of fiber coating in SPME), thus avoiding 
interferences from the sample matrix.  In the three-phase system (i.e. aqueous sample, 
headspace and organic droplet), aqueous phase mass transfer is the rate determining 
step.  Hence, this mode allows rapid stirring of the sample solution without having 
adverse impact on the stability of the droplet while it facilitates mass transfer among 
the three phases [212]. 
 
Compared with headspace SPME, headspace SDME offers two distinct 
advantages, i.e. wider choice of solvents and negligible cost of solvents [217].  
However, the extraction solvents used should have low vapor pressures to avoid 
significant evaporation during extraction.  On the other hand, they need to be 
compatible with GC analysis which require solvents with high vapor pressures [212].  
Several attempts have been made to overcome the evaporation issue by means of 
manual [218], semi- [219] or fully automated [220] dynamic headspace SDME.  
Besides, a class of unconventional solvents, i.e. ionic liquids (ILs), has been 
investigated as alternative extraction solvents (for both direct immersion and 
headspace SDME) because of their unique properties, such as extremely low vapor 
pressure, adjustable viscosity and immiscibility in water and other organic solvents 
[221-224].  Recently, a new organic-free mode of headspace SDME, which used an 
aqueous solution instead of high-boiling point organic solvent as extraction solvent, 
has been proposed [225].  Another interesting solution is the use of the same solvent 
as sample solvent and extraction drop solvent, thereby eliminating evaporation during 




 Another mode of SDME, termed liquid-liquid-liquid microextraction was 
developed by Ma and Cantwell [227] under the name “solvent microextraction with 
simultaneous back-extraction”.  This three-phase SDME is suitable for ionizable 
analytes.  It is based on the extraction of analytes from the aqueous sample into an 
organic layer or membrane (lower density than water) laid out on top, and a 
simultaneous back-extraction into an aqueous microdrop suspended as an immiscible 
drop in the aforementioned organic membrane (Figure 1.10) [228].  Reactions such as 
protonation and complexation can change the affinity of analytes in different phases, 
which may serve as the driving force for mass transfer [229]. 
 
 
Figure 1.10  Schematic diagram of liquid-liquid-liquid microextraction. (Reprinted 
from [228]. With permission from Elsevier.) 
 
An evolutionary approach to conventional SDME termed continuous-flow 
microextraction, first reported by Liu and Lee [230], wherein the droplet was inserted 
in a constant flowing sample stream (Figure 1.11a) [231] in order to improve the mass 
transfer between organic droplet and the aqueous solution.  Besides, the extraction is 
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carried out in a glass extraction chamber instead of a vial.  Because the droplet makes 
full and continuous contact with the sample solution, the method benefits from a 
higher extraction efficiency and concentration factor than that in static LPME 
[232,233].  A modification of this microextraction mode, called cycle-flow 
microextraction [234] was also reported, where the waste outlet of tubing was put into 
the sample reservoir (Figure 1.11b). 
 
 
Figure 1.11  Schematic illustration of (a) continuous-flow microextraction and (b) 
cycle-flow microextraction. (Reprinted from [231]. With permission from Elsevier.) 
 
Very recently, an interesting SDME-related method termed drop-to-drop 
solvent microextraction was developed by Wu et al. [235].  In this technique, not only 
the extraction solvent but also the aqueous sample is reduced to a few microliters 
(Figure 1.12).  Although this method sounds very attractive, enrichment factor of the 
analytes into the extraction solvent is not very high due to the low sample-to-acceptor 
volume ratio.  Moreover, such small amounts of sample and extraction solvent 
represent an additional risk for quantitative analysis with accuracy [12]. 
 
Organic solvents have been the solvent of choice when developing SDME 




Figure 1.12  Schematic diagram of drop-to-drop solvent microextraction. (Reprinted 
from [235]. With permission from American Chemical Society.) 
 
SDME is mostly preferred by GC [208,236,237], and somewhat by HPLC [238] and 
capillary electrophoresis (CE) [239].  In order to compatible with HPLC, an extra step 
of solvent exchange and extract reconstitution is necessary before analysis [212].  In 
general, the choice of an organic solvent for SDME should be based on a comparison 
of selectivity, extraction efficiency, incident of drop loss, drop dissolution rate, as 
well as the level of solvent toxicity [114].  There are few experimental parameters 
should that must be controlled precisely to obtain reproducible results for SDME.  
Parameters that have been considered include solvent type, drop size, extraction time, 
stirring rate, pH of the sample, temperature, salt addition, sample volume, shape of 
needle tip and ratio of headspace volume to sample volume [114,206,226]. 
 
The main application areas of SDME are environmental, bio and food analyses 
[212].  In spite of being a simple, fast, inexpensive and virtually solvent-free sample 
pretreatment technique [206], drop instability and lack of sensitivity are two of its 
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most frequently reported drawbacks [213].  Furthermore, an extra filtration step is 
necessary to avoid dissolution of the droplet in dealing with complex matrices 
[212,213].  In order to overcome these limitations, a more robust format of LPME, i.e. 
HF-LPME was developed. 
 
1.4.4 Hollow Fiber Liquid-Phase Microextraction 
HF-LPME was first introduced by Pedersen-Bjergaard and Rasmussen in 1999 [240] 
as a solution to improve the stability and reliability of LPME.  In this technique, the 
extraction solvent is contained within the lumen of a porous hollow fiber and is not in 
direct contact with the sample solution.  As a result, sample solutions may be stirred 
vigorously to speed up the extraction process without any loss of the extraction 
solvent.  Thus, HF-LPME is a more robust and reliable alternative to SDME [241]. 
 
During HF-LPME, target analytes are extracted from aqueous samples (donor 
phase), through a thin layer of organic solvent immobilized as a supported liquid 
membrane (SLM) within the pores of a porous hollow fiber, and further into the 
extraction solvent (acceptor phase) inside the lumen of the hollow fiber.  
Subsequently, the acceptor solution is removed by a microsyringe and directly 
subjected to a final analysis by GC, HPLC or CE [241,242].  The volume of sample is 
ranges between 50 µL and more than 1 L, whereas the volume of acceptor solution is 
typically in the range 2 to 30 µL.  Because of this high sample-to-acceptor volume 
ratio, very high analyte enrichments can be obtained directly by HF-LPME without 
the need for solvent evaporation and reconstitution as required by LLE and SPE [242].  
For instance, enrichments up to 27,000 folds have recently been reported from 1100 
mL samples [243] supporting the high potential of HF-LPME for analyte enrichment. 
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The fundamental principles of HF-LPME are essentially the same as those of 
SLM extraction, which was introduced by Audunsson [244] and by Jonsson and co-
workers [245-250].  In the latter, extraction is accomplished from aqueous samples 
through a SLM sustained in a flat sheet of porous polymeric membrane, and into an 
acceptor phase on the other side of the SLM.  However, the technical setup and 
operation of SLM extraction differ considerably from HF-LPME.  For SLM 
extraction, a flow system is pumped continuously to the membrane to provide fresh 
sample, while the acceptor solution is pumped on the other side of the membrane to 
receive analytes.  On the contrary, both the sample and the extraction phase in HF-
LPME are stagnant, and no pump is required for sample processing.  Besides the 
complexity of the instrumentation, each membrane in SLM extraction is normally 
used for large number of extractions.  On the other hand, hollow fiber in HF-LPME is 
used only for a single extraction, thus eliminate the risk of cross contamination 
[213,251]. 
 
 HF-LPME can be performed either in a two-phase or a three-phase mode 
(Figure 1.13) [242].  In a two-phase HF-LPME system (Figure 1.13a), the analytes are 
extracted by passive diffusion from an aqueous sample and into an organic solvent 
present both in the porous wall and inside the lumen of the hollow fiber.  In this mode, 
the acceptor phase is an organic solvent, which is directly compatible with GC.  Two-
phase LPME can be applied to most analytes (containing no ionizable groups) with 
solubility in a water-immiscible organic solvent substantially higher than in an 
aqueous solution.  For extraction of acidic or basic compounds, pH in the sample is 
properly adjusted to ensure that the analytes are deionized to reduce their solubility in 
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the aqueous sample and to improve their extractability into the organic acceptor phase 
[241,252]. 
 
In a three-phase HF-LPME system (Figure 1.13b), the analytes are extracted 
by passive diffusion from an aqueous sample, through the organic SLM, and further 
into an aqueous acceptor solution present inside the lumen of the hollow fiber.  The 
acceptor phase in this mode is an aqueous solution, which is directly compatible with 
HPLC or CE.  This extraction mode is limited to acidic or basic analytes with 
ionizable functionalities.  For extraction of acidic compounds, pH in the sample is 
adjusted into acidic region in order to suppress analyte solubility, whereas pH in the 
acceptor solution should be high to promote analyte solubility.  Thus, the acidic 
compounds are easily extracted into the organic phase and further into the acceptor 
phase without back-extraction to the organic phase again.  In contrast, for an 
extraction of basic compounds, pH in the sample should be high and an acidic 
acceptor solution should be utilized to obtain the desired extraction [241,252]. 
 
 
Figure 1.13  Schematic illustration of (a) two- and (b) three-phase HF-LPME. 







The most commonly used porous hydrophobic membranes are polypropylene, 
polytetrafluoroethylene and polyvinyldene difluoride.  However most of the porous 
hollow fibers used for LPME have been based on polypropylene fiber.  Polypropylene 
fiber is popular because it has high porosity that can enhance mass transfer, and it 
provides high compatibility and stability when used with wide range of organic 
solvents [241,253].  Figure 1.14 shows a cross-section of the polypropylene hollow 
fiber wall with a porosity of 70% [242].  Typically, the fiber has a pore size of 
approximately 0.2 µm, a wall thickness of 200 µm and an internal diameter (I.D.) of 
600 µm.  A SLM is easily formed by dipping a hollow fiber for a few seconds in the 
organic solvent.  The solvent immediately penetrates into the pores of the hollow fiber 
by capillary forces.  The high porosity enables immobilization of a considerable 
volume (typically 5-30 µL) of solvent as a thin film.  The extraction solvent is 
mechanically protected inside the lumen of the hollow fiber and is separated from the 
sample by the SLM, which prevents dissolution of the extraction solvent into the 
sample solution [241,242]. 
 
 
Figure 1.14  Cross-section of polypropylene hollow fiber. (Reprinted from [242]. 




The organic solvent used as SLM requires several criteria, i.e. immiscibility 
with water to prevent dissolution into the aqueous phase, low volatility to restrict 
solvent evaporation and appropriate extraction selectivity.  Additionally, the solvent 
should be strongly immobilized in the wall pores to prevent leakage [241,252].  For 
two-phase HF-LPME, toluene and 1-octanol have been the most popular organic 
phase, whereas for three-phase HF-LPME, 1-octanol and dihexyl ether have been the 
most widely used [242,254].  The optimization of the SLM or extraction solvent has 
also been tested by utilizing binary solvent mixtures [255-258].  In these cases, 
combinations of different solvents (e.g. butyl acetate/1-octanol, nonanol/dihexyl ether 
and toluene/hexane) were found to enhance extraction recoveries as compared to the 
traditional LPME solvents. 
 
An interesting perspective of HF-LPME is the possibility of performing Green 
Chemistry by utilizing plant oils [259] as SLM and alternative to pure synthetic 
organic solvents in the three-phase mode, which may eliminate the use of hazardous 
organic solvents.  The extraction performance of the plant oils was comparable with 
the solvents normally used in LPME in term of extraction recovery and speed. 
 
To date, HF-LPME has used home-built extraction units, either in a U-shaped 
[260] or rod-like [261] configuration (Figure 1.15).  In U-shaped device (Figure 
1.15a), two guiding needles taken from conventional medical syringe are used as the 
support for the two ends of hollow fibers to facilitate accessing the hollow fiber lumen 
for filling and emptying it [240,260].  However, procedure for transferring the 
acceptor solution in such a device is cumbersome and difficult to automate [241].  
Subsequently, the rod-like configuration (Figure 1.15b) which involves direct 
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attachment of the fiber to a GC microsyringe was introduced to facilitate the delivery 
and removal of the acceptor solution [261,262]. 
 
    
   (a)      (b) 
 
Figure 1.15  Technical setup for LPME based on (a) U-shaped fiber and (b) rod-like 
fiber. (Reprinted from [260] and [261]. With permission from Elsevier.) 
 
Most of the HF-LPME has utilized static extraction system.  Nevertheless, it 
also can be carried out in a dynamic system, either in a two-phase or a three-phase 
modes.  In a dynamic two-phase mode [263-265], the microsyringe is filled with a 
few µL of organic solvent.  During extraction, the solvent is repeatedly withdrawn 
into and discharged from the hollow fiber by a syringe pump.  During such a 
withdrawal of solvent, a thin film of organic solvent is built up inside the hollow fiber, 
which will vigorously extract the analyte from the sample segment.  During the 
solvent expulsion process, this thin film will recombine with the bulk organic solvent 
and the portion of analyte extracted will be trapped in the bulk organic solvent. 
 
A similar setup is utilized in a dynamic three-phase mode [266], where the 
microsyringe is first filled with a few µL of an aqueous acceptor solution and 
subsequently with a few µL of an organic solvent.  During the extraction, a renewable 
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organic film and an aqueous sample plug are formed inside the hollow fiber as a result 
of repeated movement of the syringe plunger.  A dynamic HF-LPME provides better 
extraction efficiency and improves reproducibility as compared with a static mode.  
However, operation in the dynamic mode complicates instrumentation requirements 
and increases experimental parameters that must be optimized and controlled 
[213,241]. 
 
A dynamic HF-LPME has also been developed for headspace extractions 
[267], where the extraction was accomplished with 1-octanol as the organic phase.  
The volatility of this solvent was low enough to avoid partial evaporation during an 
extraction.  It thus provided good analyte enrichment factors, linear range, limits of 
detection and repeatability.  Recently, an interesting variant of the HF-LPME which 
was totally solvent-free, termed liquid-gas-liquid microextraction was introduced 
[268].  In this approach, the aqueous acceptor phase within the lumen of the hollow 
fiber was separated from the sample solution by the hydrophobic porous hollow fiber 
wall with air (instead of an SLM) inside its pores.  The analytes passed through the 
porous hollow fiber membrane by gaseous diffusion and were trapped by the basic 
acceptor solution in the lumen of the hollow fiber for subsequent analysis. 
 
A few technical modifications have been introduced to the conventional HF-
LPME technique.  For example, Jiang and Lee introduced an extended version of HF-
LPME, termed solvent bar microextraction (SBME) [269], as illustrated in Figure 
1.16.  In this approach, the organic extraction solvent was confined within a short 
length of hollow fiber that was sealed at both ends.  Thus no microsyringe was used.  
The extraction involved the tumbling of the organic solvent bar in a stirred aqueous 
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sample solution, which resulted in faster mass transfer and higher enrichment factors 
as compared to those of a syringe-based static HF-LPME. 
 
 
Figure 1.16  The experimental setup of solvent bar microextraction. (Reprinted from 
[269]. With permission from American Chemical Society.) 
 
In another technical development, Wang et al. [270] introduced the fiber-in-
tube LPME device, as shown in Figure 1.17.  This method used a 
polytetrafluoroethylene tube packed with coiled polytetrafluoroethylene fibers as an 
extraction medium.  The fiber packed tube was first impregnated with an organic 
solvent and then attached to the tip of a GC microsyringe, which was subsequently 
immersed into aqueous sample for extraction.  After extraction, the extract was 
retracted by the microsyringe and analyzed by GC-flame ionization detector.  
Compared with SDME, adsorption ability of polytetrafluoroethylene fibers offered 
larger enrichment factors, lower detection limits and better reproducibility. 
 
 When HF-LPME is performed by attaching one end of the hollow fiber to a 




Figure 1.17  Schematic setup for the fiber-in-tube LPME system. (Reprinted from 
[270]. With permission from Elsevier.) 
 
to a mismatch of the outer diameter (O.D.) of the microsyringe needle with the I.D. of 
commercially available hollow fibers.  As a result, the hollow fiber might be detached 
from the needle during an extraction process, especially when the sample is stirred at 
high stirring speed.  To overcome this problem, Yan and Wu [271] used a dual gauge 
microsyringe with needle O.D. at 0.47 mm and 0.64 mm to ensure that the 
commercial hollow fibers having an I.D. range from 0.47 to 0.64 mm are fitted easily 
and tightly with the needle.  Effectiveness of this method was applied to the extraction 
of organochlorine pesticides from aqueous solution. 
 
In HF-LPME, the extraction is based on a passive diffusion (Figure 1.18a) or a 
pH gradient (Figure 1.18b) [272], and the flux of analytes across the SLM is 
essentially determined by the partition coefficients [242,254].  However, HF-LPME 
shows some inefficiency in both extraction speed and automation [251].  The 
extraction speed limitation of HF-LPME was recently circumvented by a new 
possible approach, namely, electro membrane extraction (EME) or electro membrane 
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isolation, introduced by Pedersen-Bjergaard and Rasmussen in 2006 [273].  This 
technique used a direct current electrical potential difference across the SLM as the 
driving force for an extraction based on electrokinetic migration (Figure 1.18c). 
 
 
Figure 1.18  LPME based on (a) passive diffusion, (b) pH gradient and (c) electric 
field. (Reprinted from [272]. With permission from Advanstar.) 
 
EME is performed with exactly the same equipment as for HF-LPME (Figure 
1.13) with a difference of using a power supply and two electrodes to sustain the 
voltage across the SLM (Figure 1.19) [274].  Although HF-LPME and EME are 
closely related in terms of equipment, their extraction principles differed significantly.  
In EME, the pH conditions on each side of the SLM are identical and adjusted to 
ensure full ionization of the target analytes without a pH gradient across the SLM, the 
electrical potential difference becomes the only force driving extraction of the 
charged analytes [274,275].  The major advantage of EME is significantly improving 
the extraction speed (6-17 times faster [275]) as compared with that of HF-LPME.  
Furthermore, selectivity of EME can be controlled by fine tuning the SLM chemistry 
(a) (b) (c) 
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[276] and other parameters [277,278] for further applications, especially in 
miniaturized analytical system. 
 
 
Figure 1.19  Schematic illustration of the equipment for EME. (Reprinted from [274]. 
With permission from Springer.) 
 
Extractions with HF-LPME have gained growing interest during recent years 
due to several advantages, including high analyte enrichment and low consumption of 
organic solvent.  Moreover, HF-LPME also provides high selectivity and excellent 
cleanup from complicated samples [242,251].  Therefore, the majority of HF-LPME 
applications have been focused on environmental monitoring and drug analysis 
[241,242,252,254,279]. 
 
Very recently, Pawliszyn and co-workers [280,281] successfully established 
and applied a kinetic calibration approach for a fully automated HF-LPME.  All the 
procedures, including the filling of extraction solvent, sample agitation, withdrawal 
via syringe, transfer of analytes and injection into GC were performed automatically 
by a CTC CombiPal autosampler using the associated Cycle Composer software.  The 
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automated HF-LPME method was shown to be useful for determination of analyte 
distribution coefficient between the sample matrix and the extraction phase.  However, 
the applicability of the kinetic calibration approach would be limited for the analyses 
of the same complex samples with varying concentrations of matrix components 
[253].  Despite of being a relatively mature method for implementation in routine 
analytical laboratories in principle, the implementation of HF-LPME is currently 
rather limited due to the unavailability of commercial equipment.  Work is in progress 
to develop more commercial HF-LPME equipments, which not only need to be fully 
automated but also compatible with most abundant laboratory robotics and 
autosamplers [242]. 
 
1.4.5 Dispersive Liquid-Liquid Microextraction 
DLLME is a relatively new miniaturized version of LLE developed by Assadi and co-
workers in 2006 [282].  This method employs a binary mixture of a water-miscible, 
polar solvent (disperser solvent) and a water-immiscible, high density solvent 
(extraction solvent) to extract and concentrate organic compounds from aqueous 
samples.  DLLME possesses obvious advantages such as simplicity of operation, 
rapidity, low sample volume, low cost, high recovery and high enrichment factor 
[283,284]. 
 
This method is essentially based on ternary component systems such as cloud 
point extraction (CPE) and homogeneous liquid-liquid extraction (HLLE).  CPE 
utilizes nonionic surfactants as an extraction solvent to enhance the solubility of 
hydrophobic compounds when heated above the so-called cloud point temperature.  
However, CPE is a time consuming procedure and the use of surfactants often 
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introduces additional analyte analysis problems to many instruments such as GC and 
HPLC.  In addition, the use of anionic surfactants often requires addition of salts, very 
low pH and high temperature to achieve the phase separation [285-289]. 
 
HLLE extracts the analytes from a homogeneous solution into a very small 
sedimented phase formed from the solution by a phase separation phenomenon.  The 
phase separation phenomenon is based on the difference in solubility between the 
ternary solvents (water/water-miscible organic solvent/water-immiscible organic 
solvent).  In HLLE, the surface area of the interface is infinitely large, thus the 
extraction speed is extremely fast due to the absence of obstacles between the aqueous 
phase and the water-miscible organic solvent phase.  Therefore, no vigorous 
mechanical shaking is necessary.  The procedure is simple and it only requires an 
addition of the reagent.  However, the addition of reagent such as acid, base and salt 
may destroy the interested compounds and generate heat during the extraction 
procedure [282,290-292]. 
 
 The extraction steps of DLLME are shown in Figure 1.20 [293].  Firstly, the 
sample solution (typically 5 mL) is placed in a glass test tube with a conical bottom, 
followed by a rapid injection of disperser solvent (0.5-1.5 mL) containing extraction 
solvent (5-100 µL) into the sample solution using a syringe (Figure 1.20a).  Then, the 
mixture was gently shaken and a cloudy solution (water/disperser solvent/extraction 
solvent) is formed swiftly.  The solution consists of minute droplets of extraction 
solvent dispersed within the aqueous solution, which will remain stable for a long 
period of time (Figure 1.20b).  After that, the mixture is centrifuged to settle the 
dispersed fine droplets of extraction phase to the bottom of the conical test tube 
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(Figure 1.20c).  Finally, a certain amount of sedimented phase is collected and 
injected into chromatographic system using microsyringe for further analysis (Figure 




Figure 1.20  Schematic diagram of dispersive liquid-liquid microextraction procedure. 
(Reprinted from [293]. With permission from Elsevier.) 
 
The selection of an appropriate extraction solvent is a major parameter for 
DLLME process.  There are several criteria required for selecting an extraction 
solvent.  It should be denser than water, is capable of extracting target compounds, 
has low water solubility and good chromatographic behavior [283].  Chlorinated 
solvents such as chlorobenzene, carbon tetrachloride, tetrachloroethylene and 
chloroform are useful as extraction solvents because of their high densities.  Other 
non-chlorinated solvents such as undecanol, 1-dodecanol, 2-dodecanol and n-
hexadecane can also be used.  In practice, the extraction solvent represents only about 
1-3% of the total volume of an extraction mixture [284]. 
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The nature of a disperser solvent has influence over droplet size distribution, 
mean droplet size and also emulsion viscosity [231].  A disperser solvent should have 
high miscibility in both extraction solvent and aqueous sample, thus enabling the 
extraction solvent to be dispersed as very fine droplets in aqueous phase to form a 
cloudy solution.  The commonly used disperser solvents include acetone, acetonitrile, 
methanol and ethanol. 
 
In DLLME, the extraction time is defined as the time interval between the 
injection mixture of disperser solvent and extraction solvent, and before 
centrifugation.  Compared with SDME and HF-LPME, the extraction time of DLLME 
is greatly reduced (to a few seconds) [282,294,295].  In other words, extraction time 
has no obvious influence on extraction efficiency and this is a remarkable advantage 
of the DLLME technique.  The only time consuming step in DLLME is the separation 
of extraction organic solvent by centrifuging, which usually takes 1-10 min [284]. 
 
 After DLLME, the extract can be analyzed by GC [282,296-298], HPLC 
[299,300] or atomic absorption spectrometry (AAS) [301-303].  In most cases, 
DLLME is generally coupled with GC because the extraction solvent can be directly 
injected into GC for determination without additional pretreatment.  For thermolabile 
compounds, HPLC will be the alternative analysis method, but analytes loss may 
occur during evaporation and reconstitution steps.  Thus, DLLME combined with in-
syringe back extraction [304] was developed, where the analytes were first extracted 
into organic extraction solvent by DLLME and then back extracted into a HPLC-
compatible aqueous solution in a syringe by repeated plunger movement.  The 
applicability of DLLME coupled with AAS has been extended to elemental analysis 
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by adding a chelating agent before or simultaneously with an appropriate extraction 
solvent and disperser solvent to the sample solution [283]. 
 
Since its inception, DLLME has been widely applied for the extraction of 
organic and inorganic compounds from environmental and food samples [283,284].  
Compared with HF-LPME, DLLME is more suitable for the pretreatment of simple 
matrix such as water samples.  However, when dealing with complex matrices such as 
soil and beverage samples, it could be easily affected by the sample matrix.  Because 
an sedimented phase may not always be formed, filtration and dilution before 
DLLME is required [305].  Attempts have been carried out by combining DLLME 
with SPE [306,307] and LLE [308].  These combinations not only could improve the 
selectivity and enrichment factor of a sample preparation, but could also be used in 
complex matrices. 
 
 DLLME is based on the equilibrium distribution process of the target analytes 
between sample solution and extraction solvent.  However, it is only applicable for 
the analytes with high or moderate lipophilic property but not suitable for neutral 
analytes with high hydrophilic property [283].  As for polar organic compounds, 
partitioned DLLME was proposed [309].  A water-miscible disperser solvent 
(tetrahydrofuran) that is also partitioned in the water-immiscible extraction solvent 
(tetrachloroethylene) was used as an extraction mixture.  Based on their partition 
coefficients, polar compounds were extracted into the disperser solvent as well as into 




 The primary problem in DLLME is most of the extraction solvents used are 
chlorinated solvents.  In order to overcome this problem, a DLLME method based on 
solidification of a floating organic drop [310] has been developed.  This method 
replaces a chlorinated solvent with a relatively less toxic (also low density) non-
chlorinated solvent (e.g. 2-dodecanol), which melting points is close to room 
temperature.  The floated extraction solvent is solidified and is easily collected for 
analysis after cooling down the temperature.  In conventional DLLME, the extraction 
solvent is dispersed in a sample solution with the aid of a disperser solvent.  However, 
the usage of large amount of disperser solvent (500-1500 µL) generally results in 
lower extraction efficiencies and does not meet the requirement of low solvent 
consumption.  A DLLME involves little solvent consumption (13 µL) [311] was 
hence developed.  This method is more environmentally friendly because it uses much 
less volume (few µL) of disperser solvent as well as extraction solvent, and fine 
organic droplets are formed in the sample solution by manual shaking. 
 
 Very recently, the applicability of ILs as a alternative extraction solvent in 
DLLME has also been investigated [312-314].  Unlike the ternary component solvent 
system in a classical DLLME technique, IL-based DLLME is a binary component 
solvent system (water/IL) without a disperser solvent.  The IL is completely dispersed 
in the aqueous phase by a rapid injection or by a temperature change to form the 
cloudy solution.  The extraction capability of ILs to a wide range of compounds is 
well documented [315,316].  Using ILs as the extraction solvent can therefore enlarge 
the application range of DLLME.  At present, extensive research is carried out to 




1.4.6 Comparison of Solventless Microextraction Techniques 
Table 1.3 summarizes the advantages and disadvantages of various solventless 
microextraction techniques.  The summary of the main characteristics of the described 
microextraction techniques might be useful in considering which technique is the 
most appropriate for extracting the analytes of interest from varied matrices. 
 
1.5 Derivatization in Microextraction 
Derivatization has been an important technique especially for chromatographic 
analysis.  Combining microextraction with derivatization has been mainly focused on 
the enhancement of detectability (selectivity and sensitivity) and the treatment of 
polar compounds, which converts the compounds into more easily extractable, 
thermally stable, more volatile and with better chromatographic behavior [317,318].  
Many derivatization methods have been reported and reviewed in a handbook [319].  
Some of the most commonly used derivatization reagents can be found in a recently 
published review [197].  Derivatization can be carried out before or after extraction 
[317].  Figure 1.21 shows a summary of the various derivatization techniques that can 
be implemented in combination with SPME or other microextraction techniques [320]. 
 
In a direct derivatization or pre-extraction technique, the derivatizing reagent 
is first added to the sample to form derivatives.  The derivatives are then extracted by 
headspace or direct immersion SPME and are later introduced into the analytical 
instrument (Figure 1.22) [318].  This is the simplest approach widely used to obtain 
more volatile derivatives from polar analytes present in an aqueous solution.  Most of 
the published research (60%) thus showed that a direct derivatization was employed 
in the sample matrix prior to SPME.  However, direct derivatization is potentially  
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Table 1.3  Advantages and disadvantages of solventless microextraction techniques. 
Techniques Advantages Disadvantages 
SPME Solvent-free 
Simplicity of operation 
Rapidity 
Selective 
High enrichment factor 
Commercial system available 
Suitable for on-site and in vivo 
sampling 
 
Fragileness of the fiber 
Expensive cost 
Low sample capacity 
Limited lifetime of the fiber 
Bending of the needle 
Low operating temperature 
Inadequate thermal and solvent 
stability 




High sample capacity 
High enrichment factor 
Commercial system available 
Long extraction time 
Limited sorbent types 
SDME Virtually solvent-free 
Simplicity of operation 
Wide choice of solvents 
Negligible cost of solvents 
Eliminate carryover 
Instability of drop 
Lack of sensitivity 
Filtration required for complex 
matrices 
 
HF-LPME Virtually solvent-free 
Enhanced stability of extraction 
solvent 




Relatively long extraction time 
Difficulty in automation 
Unavailability of commercial 
equipment 
DLLME Simplicity of operation 
Rapidity 
Low cost 
Low sample volume 
High enrichment factor 
Filtration and dilution required for 
complex matrices 
Limited extraction solvent 
Centrifugation or freezing required 





susceptible to side reactions and interferences.  Moreover, this strategy is hardly 
workable with moisture-sensitive derivatizing reagents, such as bis-
(trimethylsilyl)trifluoroacetamide (BSTFA) [317]. 
 
 
Figure 1.21  Summary of derivatization techniques. (Reprinted from [320]. With 
permission from Elsevier.) 
 
 
Figure 1.22  Direct derivatization in the sample matrix. (Reprinted from [318]. With 




The post-extraction derivatization encompasses quasi-simultaneous mass 
transfer and reaction in the same phase, and also an injection port transformation of 
analytes [317].  In a simultaneous derivatization and extraction, the extracting phase is 
firstly preloaded with the derivatizing reagent and is subsequently exposes to the 
sample.  Then the analytes are extracted and simultaneously converted to derivatives 
having a high affinity to the sorbent material (Figure 1.23) [318].  Generally, the 
derivatizing reagent used has a low vapor pressure and a high affinity toward the 
coating, and it remains on the fiber before the analyte sampling is completed [320].  
The simplest way to load the derivatizing reagent on the SPME fiber is by exposing it 
to the reagent vapors.  Alternatively, the fiber is immersed into a volatile solvent in 
which the reagent has been dissolved.  Most of the derivatizing reagents used for 
simultaneous derivatization and sampling contain the pentafluoro moiety, such as 
pentafluorobenzylhydroxylamine, and they are used in conjunction with electron 
capture detector to obtain high sensitivity [318].  Most applications of this 
derivatization mode have been to the determination of carbonyl compounds, such as 
fatty acids [321].  The advantages of on-fiber derivatization over the derivatization in 
solution followed by headspace SPME are shorter extraction time and faster reactions 
between analytes and reagent [322].  Furthermore, this approach can be potentially 
used in remote field applications [320]. 
 
 The simplest way to execute on-fiber derivatization after extraction is by 
exposing a SPME fiber containing extracted analytes to derivatizing reagent vapors 
(Figure 1.24) [318].  This derivatization mode requires a more volatile derivatizing 
reagent, such as N-methyl-N-(tert-butyldimethylsilyl)trifluoroacetamide.  Although 




Figure 1.23  Simultaneous on-fiber derivatization and analytes sampling. (Reprinted 
from [318]. With permission from Elsevier.) 
 
 
Figure 1.24  Derivatization on the SPME fiber after analytes sampling. (Reprinted 
from [318]. With permission from Elsevier.) 
 
compounds and meeting the required sensitivity, it occasionally has problems 
associated with the separation of these analytes in chromatographic analysis.  Thus, 
derivatization following sampling will significantly improve chromatographic 
resolution of polar compounds as compared to analysis of the parent compounds [323].  
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In addition, selective derivatization by incorporating high detector response groups 
into the derivatives will enhance the sensitivity and selectivity of detection [324]. 
 
 The injection port derivatization of polar analytes at the high temperatures of 
the GC injection port can be considered an alternative to post-extraction derivatization.  
Polar analytes with acid-base properties are extracted as ion pairs which are further 
decomposed, at the high temperatures of the GC injection port, to produce volatile 
byproducts and the alkyl derivatives of the target compounds [197,317].  Both 
derivatization modes have largely been applied for SPME and LPME of biological, 
food and environmental samples with organic, metallic and organometallic 
compounds [154,197,318,325]. 
 
Various derivatization techniques are implemented and can be classified 
according to the reagents used and the reaction achieved.  The main derivatization 
techniques used are silylation, acylation, alkylation and esterification [24].  However, 
the derivatization has a number of disadvantages, including difficulty to remove the 
derivatizing agent, interference in the analysis, and increment in time and cost of 
analysis [17].  Besides, the utilization of derivatization can be limited by the various 
factors such as time required for reaction, lack of reagents suitable for functional 
groups of interest, allowable additional steps inserted, excess of reagent and potential 
for interferences [317].  Therefore, derivatization is considered by most analytical 
chemists as a means of last resort in an extraction step, while in many cases, a 




 In conclusions, derivatization performed before or during extraction can 
enhance sensitivity and selectivity of both extraction and detection, while post-
extraction method can improve only chromatographic behavior and detection [138].  
The choice of the most suitable derivatization approach depends on the properties of 
the analytes, the derivatization reaction to be performed, the availability of the 
equipment and materials needed, and the demands of analysis [317].  The new 
exploration includes the study of novel configuration for better derivatization and less 
consumption of sample and solutes [8]. 
 
1.6 Objective of This Work 
Development of environmentally friendlier extraction procedures, which require 
minimal amounts of solvent, reagents and materials, is a current trend in 
environmental analysis.  An ideal sample preparation technique should be solvent-free, 
simple, inexpensive, efficient, selective, and compatible with a wide range of 
separation methods and applications [139].  This research work focuses on the 
development of novel solventless microextraction techniques and their applications to 
environmental aqueous samples. 
 
Firstly, we developed a SPME methodology making use of a commercial 
polymer, i.e. Kevlar fiber, as a sorbent coupled with HPLC with fluorescence 
detection (HPLC-FLD) for the determination of polycyclic aromatic hydrocarbons 
(PAHs) in water samples.  Secondly, we extend the application of Kevlar fiber for the 
determination of parabens using HPLC with ultraviolet detection (HPLC-UV).  Lastly, 
we employed agitation-assisted DLLME (AA-DLLME) combined with HF-LPME for 
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the determination of bisphenol A (BPA) followed by GC with mass spectrometry 
detection (GC-MS). 
 
 We investigated the effects of various extraction parameters on the efficiency 
of the extraction.  After the optimization of the microextraction conditions, the 
developed methodologies were applied to determine trace organic compounds of 























Commercial Polymeric Fiber as Sorbent for 
Solid-Phase Microextraction Combined with High-Performance 
Liquid Chromatography for the Determination of 
Polycyclic Aromatic Hydrocarbons in Water 
 
2.1 Introduction 
Polycyclic aromatic hydrocarbons (PAHs) are a group of fused aromatic ring 
hydrocarbons derived from endogenous and anthropogenic sources.  These ubiquitous 
environmental pollutants usually arise from incomplete combustion or high-
temperature pyrolytic processes involving organic materials.  The main sources of 
PAH emissions include volcanic eruptions, wildfires, combustion of fossil fuels, 
motor vehicle exhaust, oil spills, waste incineration, food processing, coke production, 
oil refining and many other industrial activities [326,327]. 
 
It has been estimated that 2.3 × 108 kg of PAHs enter the global environment 
annually [328].  Based on their properties and molecular mass, some low polarity and 
low molecular mass (two and three aromatic rings) PAHs have a significant acute 
toxicity, whereas many non-polar and high molecular mass (four or more aromatic 
rings) PAHs show high carcinogenic and mutagenic potential [329,330].  Due to their 
potential or proven carcinogenic, mutagenic and even endocrine disrupting [331,332] 
properties, some PAHs have been designated by the USEPA and EU as priority 




As persistent organic pollutants, PAHs usually accumulate in soil, sediments, 
surface water, atmosphere as well as organisms.  Numerous books and review articles 
have reported the occurrence and distribution of PAHs in the environment 
[326,327,334,335].  In order to evaluate and monitor the environmental fate and 
impacts of trace levels of PAHs, it is necessary to extract them from these matrices.  
PAHs are regularly measured in the atmosphere for air quality assessment, in 
biological tissues for health effects monitoring, in sediments and mollusks for 
environmental monitoring and in foodstuffs for safety reasons [336]. 
 
The traditional pretreatment techniques for the extraction of these semi-
volatile organic compounds from aqueous samples are LLE [337-339] and SPE 
[337,340,341].  These multistep sample preparation methods do have some drawbacks; 
they are time consuming, labor-intensive, involve moderate to heavy use of toxic 
solvents, and are prone to loss of analytes [138].  However, these procedures are still 
popular and are routinely implemented in USEPA test methods [342,343], EU 
standard methods [344-346] and many laboratories worldwide. 
 
Alternative sample preparation techniques have been established over recent 
years to address the limitations inherent in LLE and SPE.  These include SPME 
[329,330,347,348], LPME [214,267,349] and SBSE [350-352].  Among these 
techniques, SPME is the method of choice and has been widely used for the sampling 





SPME is a very simple, efficient and solvent-free sample preparation 
technique, developed by Pawliszyn’s group [137], which successfully integrates 
sampling, extraction, concentration and sample introduction into a single step using a 
single device.  The analytes of interest are extracted from the samples by the 
polymeric phase according to their affinity towards the fiber coating and then can 
either be thermally desorbed for GC or solvent desorbed for HPLC analysis [138,353]. 
 
The key component of SPME is the fiber coating.  However, almost all 
commercially available SPME fibers are prepared with fused-silica as the support 
material.  Such fibers are fragile and require careful handling during the extraction 
and desorption processes.  In addition, an appropriate polymer fiber coating and its 
thickness is generally required to achieve the desired sensitivity and high sample 
loading [354].  Decreasing the coating thickness usually increase the extraction 
kinetics, but the thinner coating will increase the fragility of the fiber.  To address 
these issues, devising novel sorbents which is robust and versatile is an essential part 
in the development of SPME technology. 
 
Downsizing of extraction approaches (to micron or submicron scale) has 
become the trend in analytical chemistry in the past two decades.  The merits of 
miniaturization are not only in terms of environmental friendliness but also for 
effective hyphenation to microcolumn separation techniques without causing any 
overload and poor resolution during chromatographic separation.  Furthermore, 
downsizing also enhances the development and application of various materials as 




One interesting miniaturized sample preparation method, termed fiber-in-tube 
solid-phase extraction (FIT-SPE) [355-358], was introduced by Jinno and co-workers 
for microscale liquid-phase separation.  In this technique, the extraction was carried 
out using a short capillary into which a bundle of fine polymeric fiber filaments (e.g. 
Zylon, Kevlar, Nomex and Technora) serving as the extraction medium, was packed 
longitudinally.  Analytes were extracted onto the surfaces of the filaments by passing 
the aqueous sample into the extraction capillary.  The extracted analytes were then 
desorbed by pumping a small amout of organic solvent through the capillary. 
 
Based on FIT-SPE, the same authors further developed a fiber-packed in-
needle extraction device [359,360] for GC analysis of trace organic compounds in 
aqueous and gaseous samples.  These sample preparation devices possess most of the 
merits of SPME plus additional advantageous features, such as increased sorbent 
surface area of the fiber, reduced pressure drop through the extraction tube, good 
storage performance, and enhanced extraction selectivity with different types of 
coatings on the fiber filaments [360,361].  All of the applications mentioned above 
revealed that polymeric fibers have great analytical potential as an effective sorbent 
for extracting pollutants from various sample matrices. 
 
The most common techniques used for PAHs determination are HPLC-FLD 
and GC-MS [362,363].  HPLC offers several advantages in PAH analysis, including 
good separation for isomers, high fluorescence detection selectivity and avoidance of 





Different polymeric fibers have been used as sorbent for SPME.  To the best 
of our knowledge, Jinno’s group was the first to use Kevlar fiber for microextraction 
[365].  In Jinno’s work [366], the surface derived Kevlar fiber and the parent fiber 
were used in FIT-SPE, where the separation column was prepared by packing a 
bundle of 160-170 fibers into a fused-silica capillary and conditioned at 200 oC for 
more than 5 h before installation to a GC system as extraction and separation media.  
Furthermore, the FIT-SPE also been developed as a miniaturized sample preparation 
technique for microcolumn LC [355-357,361].  Similarly, in Marcus’s work [367], 
bundles of 1000-3000 polypropylene and polyester fibers were packed into a stainless 
steel tubing as stationary phases in LC separations of various mixtures.  In both cases, 
some fabrication of specific extraction or separation apparatuses was involved.  
Moreover, insoluble particles must be removed from sample solutions by filtration 
before extraction to prevent plugging of the capillary column and flow lines [175], 
and this could be practically be more labor-intensive overall. 
 
In the present project, we aimed to develop a simple, robust and sensitive 
SPME methodology coupled with HPLC-FLD for the determination of trace PAHs in 
water samples by using a polymeric fiber directly as sorbent.  In contrast to FIT-SPE 
or a fiber-packed in-needle extraction device, the polymeric fiber, i.e. Kevlar, as a 
strand, is used as is; it is free-moving and tumbles continuously throughout the stirred 
sample solution during extraction in order to enhance the extraction efficiency.  This 
approach avoids the need for fabricating specific devices to support the fibers for 
extraction.  Besides, no filtration is necessary for the sample solutions.  The 
advantages of using a single fiber directly, compared to FIT-SPE or fiber-packed in-
needle extraction device, are simplicity of operation and convenience.  This novel 
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approach is, it is believed, more accessible to the analytical community.  The use of 
HPLC with FLD, instead of UV was expected to increase the sensitivity and 
selectivity for the determination of PAHs, since FLD is inherently more sensitive than 
the latter, and PAHs have strong fluorescent characteristics [363].  Also, no further 
cleanup of the extract was required.  The effects of various extraction parameters on 
the efficiency of extraction were investigated.  After optimization of the 
microextraction conditons, the developed methodology was applied to determine trace 
PAHs in local rainwater samples. 
 
2.2 Experimental 
2.2.1 Chemicals and Materials 
The PAHs, naphthalene (Nap), fluorene (Flu), anthracene (Ant), pyrene (Pyr), 
chrysene (Chr), benzo[k]fluoranthene (Ben) and dibenz[a,h]anthracene (Dib) were 
purchased from Supelco (Bellefonte, PA, USA).  The chemical structures of the PAHs 
analyzed in this study are shown in Figure 2.1.  The stock solutions of each analyte (1 
mg mL-1) were prepared separately in acetone.  A fresh working solution containing a 
mixture of each analyte (5 μg mL-1) was prepared weekly by stepwise diluting the 
stock solutions with acetone.  Both stock and working solutions were stored in the 
dark at 4 oC.  Appropriate volumes of the working solution were spiked into deionized 
water to give sample solutions of the desired analyte concentrations. 
 
All solvents used were of HPLC-grade.  Acetone, acetonitrile and methanol 
were purchased from Tedia (Fairfield, OH, USA).  Doubly deionized water (18 MΩ 
cm) obtained from a Milli-Q system (Millipore, Bedford, MA, USA) was used 




Figure 2.1  Chemical structures of PAHs. 
 
The commercial polymeric fiber, Kevlar 29 (poly(p-phenylene 
terephthalamide) with filament diameter ca. 9.23 µm [368] was kindly provided by 
Professor Kiyokatsu Jinno from Toyohashi University of Technology (Toyohashi, 
Japan) and used as received without modification.  It has 1500 denier (g per 9000 m) 
and is made up of 1000 filaments [368].  The chemical structure of Kevlar is given in 
the Figure 2.2 [366]. 
 
Rainwater samples were collected from several locations in the campus of 
National University of Singapore and stored in precleaned glass bottles (thoroughly 
pre-washed with detergent, water, methanol and doubly deionized water in sequence, 




Figure 2.2  Chemical structure of Kevlar. 
 
the dark at 4 oC and processed within 24 h of collection without any prior treatment or 
filtration.  Quantification of the analytes was done by external calibration where a 
series of standard solutions was prepared by dilution of the stock solution and analysis 
by HPLC-FLD to obtain linear calibration plots for each analyte based on the 
chromatographic peak areas. 
 
2.2.2 Instrumentation 
Separation of the PAHs was carried out using a Waters (Milford, MA, USA) HPLC 
system.  The chromatographic system consisted of a Rheodyne (Cotati, CA, USA) 
7125 manual injector equipped with a 200-μL sample loop, a Waters 600E 
quarternary pump and a Waters 470 scanning fluorescence detector. 
 
Separations of PAHs were achieved on a Merck (Darmstadt, Germany) 
monolithic C18 reversed-phase column (Chromolith Performance RP-18, 100 mm × 
4.6 mm ID, 2 μm particles size) which inlet is capped with a guard column 
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(Chromolith RP-18E, 10 mm × 4.6 mm ID).  Analytes were eluted with the following 
binary solvent (acetonitrile-water) gradient programme: initial 50% acetonitrile for 2 
min, then a linear ramp to 60% in 10 min, another linear ramp to 90% in 10 min, then 
follow by another linear ramp to 100% within 5 min, and held at 100% acetonitrile for 
5 min until the end of the analysis.  The system mobile phase flow rate was 2.0 mL 
min-1 and column temperature was maintained at 25 oC (ambient). 
 
Optimized parameters of the fluorescence detector program used are tabulated 
in Table 2.1.  The excitation and emission wavelength pairs [369] were programmed 
to change according to the elution time of each PAH during the analytical run to 
optimize the detection of each analyte with minimal interference.  The Waters 
Empower software version 5.0 was used for spectral acquisition and chromatographic 
data processing. 
 
Table 2.1  Optimized fluorescence detection program used for PAHs determination. 










1 0.0−6.8 280 330 Nap 3.7 
    Flu 5.9 
2 6.8−8.5 250 375 Ant 7.3 
3 8.5−11.0 270 390 Pyr 9.4 
4 11.0−14.0 265 380 Chr 12.3 
5 14.0−17.0 290 430 Ben 15.7 
6 17.0−20.0 290 410 Dib 17.7 
 
Scanning electron microscopy (SEM) micrographs were obtained with JSM-
5800 scanning electron microscope (JEOL, Tokyo, Japan) to observe the morphology 
of Kevlar fiber.  To prepare samples for SEM, the fiber was fixed on the stub by a 
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double-sided sticky carbon tape and then coated with gold by a JEOL JFC-1600 Auto 
Fine Coater at 10 mA for 100 s.  The diameter of fiber was measured on the basic of 
SEM micrographs, using an image analysis software, ImageJ (National Institues of 
Health, Bethesda, MD, USA). 
 
2.2.3 Extraction Procedures 
A schematic of the extraction apparatus used is given in the Figure 2.3.  The fiber was 
cut into ca. 8 ± 0.1 cm long segments which were preconditioned and ultrasonically 
cleaned in acetone and water for 10 min prior to use. 
 
 
Figure 2.3  Schematic of the extraction apparatus. 
 
 During extraction, the fiber tumbled freely under stirring in the sample 
solution (20 mL).  For optimization experiments, aqueous samples were spiked with 
PAHs (final concentration 2.5 μg L-1 of each).  The stirring speed of 500 rpm was 
applied using Vibramax 100 (Heidolph, Kelheim, Germany) magnetic stirrer.  The 
highest stirring speed of 500 rpm was used (the maximum speed of the stirrer is 1250 
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rpm) because at this rate the fiber tumbled freely without any noticeable problems or 
negative impact on the extraction.  Fiber integrity was maintained throughout the 
extraction.  Beyond 500 rpm, formation of bubbles was observed and caused 
extraction efficiency to be reduced.  After 30 min extraction, the fiber was removed 
with a pair of tweezers (ultrasonically cleaned in acetone and deionized water for 10 
min before use to prevent cross-contamination) and dab-dried with lint-free tissue.  
The extracted analytes on the fiber were desorbed in 100 μL of acetonitrile in a 
Chrompack (Palo Alto, CA, USA) crimper vial via sonication for 20 min.  Finally, 50 
μL of extract was directly injected into the HPLC system for analysis.  Possible 
carryover was minimized or eliminated by ultrasonically cleaning the fiber in acetone 
for 10 min before it was used for another extraction. 
 
2.3 Result and Discussion 
2.3.1 Properties of Kevlar Fiber 
Kevlar is a high performance para-aramid fiber developed by DuPont Company in 
1965 for industrial and advanced technological applications [370].  It is a long-chain 
synthetic polyamide in which at least 85% of the amide (-CO-NH-) linkages are 
attached directly to two aromatic rings.  It has a molecular weight equal to or greater 
than 60,000.  Kevlar is highly crystalline, does not melt, and have extremely low 
combustibility.  Kevlar also has very good resistance to heat and chemicals.  It can 
retain useful properties at temperatures up to 260 oC and is resistant to most organic 
solvents and chemicals except hot, concentrated acid and alkali.  Kevlar has an 
extremely high tenacity, i.e. 22 g denier-1, which is five times the strength of a steel 
wire at the same weight, and twice the strength of industrial nylon, polyester and 
fiberglass [371].  As the first synthetic fiber that combines high strength with light 
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weight, Kevlar is applied to broad range of uses, including automotive brakes and 
tires, body armor and protective clothes, aerospace and airplane components, and 
building materials [372]. 
 
Recently, Kevlar was employed as a sorbent in sample preparation taking into 
account their unique properties, such as excellent stability to organic solvents and 
chemicals, mechanical strength, and excellent thermal stability [368].  In addition, the 
fiber surface is easily modifiable with different functional groups, such as butyl, octyl, 
benzyl and phenylethyl for enhancing the extraction efficiency and selectivity in FIT-
SPE or fiber-packed in-needle extraction device, particularly by Jinno’s group 
[366,373].  PAHs are lipophilic; the larger compounds are less water-soluble and less 
volatile.  Kevlar is a lipophilic polymer.  Thus, the compatibility between the analytes 
and the fiber conceivably contributed to the efficient extraction of PAHs from 
aqueous solutions.  It is conceivable that π-π interactions and hydrophobic interactions 
with analytes and the large surface area of the fiber also facilitate the adsorption of 
target analytes.  In this approach, we investigated the usability of Kevlar fiber as an 
extraction device directly without modification or integration with other apparatus for 
the extraction of PAHs from aqueous samples. 
 
Figure 2.4 shows the SEM micrograph of an aligned Kevlar fiber at 2000× 
magnification.  Each fiber filament, as mentioned above, has a uniform diameter of 







Figure 2.4  SEM micrograph of Kevlar fiber at 2000× magnification. 
 
2.3.2 Optimization of Extraction Procedure 
In order to achieve maximum analyte recovery and low detection limits in a relatively 
short extraction time, analytical factors affecting the extraction efficiency such as 
extraction time, desorption time, desorption solvent and sample volume were 
optimized.  All optimization experiments were performed in triplicate.  The extraction 
efficiency was evaluated by measuring the HPLC-FLD peak areas. 
 
 Extraction of PAHs using the Kevlar strand is an equilibrium-dependent 
process.  The amount of analyte that can be extracted depends on the partition 
coefficient of the analyte between the aqueous sample and the fiber surface [366].  
The extraction equilibrium was generally established within the range of 5-50 min, as 
shown in Figure 2.5.  The PAHs exhibited different extraction time profiles because 
based on their molecular masses, they likely have different diffusion coefficients.  The 
higher molecular mass PAHs have lower diffusion coefficients and would take a 























Figure 2.5  Effect of extraction time on extraction efficiency. 
 
extraction efficiency up to 30 min.  For some analytes (for example, Chr, Ben and 
Dib), extraction efficiency decreased slightly after 20 min.  It is conceivable that after 
reaching equilibrium, prolonged extraction time would effect back-extraction.  The 
reduction in extraction efficiency may be attributed to the issue of solubility of these 
analytes in water, or it may also be due to the movement of analytes into the 
headspace that would in turn lead to reduced sample concentrations [347].  In addition, 
the extraction efficiency for Ben and Chr were reduced during the first 10 min, and 
this may be due to the fluctuation of initial mass transfer of these analytes to the fiber 
surface.  The equilibrium time is usually selected as extraction time, but it is not 
practicable to prolong an extraction to achieve maximum extraction efficiency for all 
analytes, since no common time to equilibrium was exhibited.  Hence, 30 min was 
selected as the optimal extraction time, since this appeared to be the equilibrium 
extraction period for most of the analytes. 
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After extraction, solvent desorption efficiency was evaluated.  Figure 2.6 
shows that a 20-min desorption time appeared to be the optimum for all analytes.  
After the first desorption, the fiber was further desorbed and analyzed under the same 
conditions to test carryover.  That no peaks were observed in the resulting HPLC-FLD 
chromatogram confirmed that the absence of carryover, or at least the carryover was 
negligible.  Besides, the reusability of the fiber was tested.  Each fiber could be reused 
for up to 50 extractions (results not shown) without carryover effects and deterioration 






















Figure 2.6  Effect of desorption time on extraction efficiency. 
 
 Generally, when the extraction is coupled with liquid-based analytical 
techniques, such as HPLC or CE, analytes are best desorbed in a water-miscible 
organic solvent.  In consideration of the fact that Kevlar is insoluble in common 
organic solvents [366], and reversed-phase HPLC was used in this work, acetone, 
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acetonitrile and methanol were tested as potential desorption solvents.  It may be 
observed from Figure 2.7 that acetonitrile gave the best desorption result in term of 
analyte peak areas, although acetone could also be considered.  If we compare the 
solvent hydrophobicity in terms of log octanol/water partition coefficient (log Kow), 
acetonitrile (log Kow = 0.34) and acetone (0.24) show relatively higher 
hydrophobicity compared to methanol (0.82) [374].  Therefore, acetonitrile and 
acetone should be able to solubilize more highly hydrophobic PAHs (log Kow = 
3.376.75 [327]) than methanol.  Nevertheless, acetonitrile performing as the best 
desorption solvent may be due to the π-π interactions between its lower unoccupied 
molecular orbital and the higher occupied molecular orbital of the PAH aromatic rings 
[375].  The different responses for different PAHs may be due to related to their 

















Figure 2.7  Effect of desorption solvent on extraction efficiency. 
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The effect of sample volume on extraction efficiency was evaluated using 
vials with capacities from 5 to 40 mL.  Different volumes of identically spiked sample 
solutions, i.e. at a concentration of 2.5 μg L-1 of each PAH, were studied.  From 
Figure 2.8, it is observed that except for Ben and to some extent Chr, 20-, 30- and 40-
mL volumes gave largely similar results.  This seems to suggest that the saturation of 
adsorption sites of the fiber with analytes occurred when the sample volume was 20 
mL [376]; thereafter no increase in extraction was observed.  Since, for logistical 
reasons, smaller sample sizes are preferred, 20 mL was considered to be the most 



















Figure 2.8  Effect of sample volume on extraction efficiency. 
 
2.3.3 Method Validation 
In order to evaluate the practical applicability of the proposed technique, performance 
parameters such as linearity, precision and limits of detection (LOD) were measured 
83 
 
under optimum extraction conditions using spiked deionized water samples.  Results 
of the validation parameters are given in Table 2.2. 
 
The linearity of the calibration plots was observed over a concentration range 
of 0.055 µg L-1.  All the PAHs showed good linearities with correlation coefficients 
(r) ranging from 0.9962 to 0.9998.  This allowed the quantification of the real water 
samples by the method of external standardization.  The reproducibility studies were 
carried out by extracting spiked water samples containing 1 µg L-1 of each PAH.  The 
relative standard deviations (RSDs) were between 2.9% and 12.1% for triplicate 
extractions. 
 
LODs were calculated based on the signal-to-noise (S/N) ratio of 3 in HPLC-
FLD measurements.  As Table 2.2 shows, the LODs achieved in this study ranged 
from 0.4 to 4.4 ng L-1 and were better than or comparable to those reported by 
USEPA Method 610 [377] and other published values [348].  Figure 2.9 shows a 
representative chromatogram of an extract from (a) rainwater and (b) spiked water 
sample after extraction by Kevlar fiber followed by HPLC-FLD under the optimized 
conditions. 
 
2.3.4 Analysis of Genuine Samples 
The proposed method was applied to investigate the level of PAHs in rainwater 
samples.  The results are shown in Table 2.3.  Since PAHs are ubiquitous 
environmental contaminants, as expected, they were found in all analyzed samples.  
Their concentration ranged from non-detected to 0.71 µg L-1, with Nap as the 
predominant compound.  The levels of other PAHs are in the same general range as  
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Table 2.2  Quantitative results of PAH extraction from water samples using Kevlar fiber. 
Analyte Linear range 
(µg L-1) 
r Calibration curve RSDa (%) 
(n = 3) 
LOQ (µg L-1) 
(S/N = 10) 
this work 
LOD (µg L-1) 
(S/N = 3) 
this work 
LOD (µg L-1) 
USEPA 
Method 610b 
LOD (µg L-1) 
SPMEd 
Nap 0.05 – 5 0.9992 y = 99813x + 41353 4.9 0.0090 0.0027 1.8c 0.002 
Flu 0.05 – 5 0.9998 y = 642643x + 9794.3 10.3 0.0147 0.0044 0.21c 0.002 
Ant 0.05 – 5 0.9962 y = 2E+06x + 452055 12.1 0.0073 0.0022 0.66 0.001 
Pyr 0.05 – 5 0.9978 y = 2E+06x + 327581 8.2 0.0090 0.0027 0.27 0.001 
Chr 0.05 – 5 0.9985 y = 2E+06x + 212756 2.9 0.0050 0.0015 0.15 0.001 
Ben 0.05 – 5 0.9984 y = 4E+06x + 328495 4.2 0.0013 0.0004 0.017 0.001 
Dib 0.05 – 5 0.9968 y = 884338 + 98116 11.6 0.0070 0.0021 0.030 0.004 
 
a Water samples containing 1 µg L-1 of each PAH. 
b LLE of PAHs coupled with HPLC-FLD [377]. 
c LLE of PAHs coupled with HPLC-UV [377]. 









Figure 2.9  Liquid chromatogram of the extract of (a) rainwater sample and (b) 
spiked deionized water sample containing 2.5 µg L-1 of each PAH.  Extraction time: 
30 min; desorption time: 20 min; desorption solvent: acetonitrile; sample volume: 20 
mL. Peaks: (1) Nap, (2) Flu, (3) Ant, (4) Pyr, (5) Chr, (6) Ben and (7) Dib. 
 
Table 2.3  Concentration of PAHs in rainwater samples. 
Analyte Mean concentration (µg L-1) (RSD, %, n = 3) 
 Site 1 Site 2 Site 3 
Nap 0.49  (6.4) 0.55  (13) 0.71  (8.3) 
Flu 0.02  (8.8) 0.02  (8.5) 0.02  (11) 
Ant nda nd nd 
Pyr 0.01  (12) 0.01  (15) 0.01  (9.8) 
Chr 0.04  (9.7) 0.01  (7.4) 0.01  (8.9) 
Ben 0.07  (13) 0.02  (9.6) 0.04  (15) 
Dib 0.03  (13) 0.02  (7.9) 0.02  (9.3) 
 
a Non-detected or below the limit of quantification (LOQ). 
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determined previously [349].  As rain can behave as a natural ambient trap for air 
pollutants, the determination of a class of ubiquitous pollutant such as PAHs in this 
matrix may serve as an initial screening of air quality in an urbanized environment, 
such as Singapore and other major cities.  The method developed here may be applied 
to routine measurements of PAHs as part of an urban air quality control system [378]. 
 
2.4 Conclusions 
The potential of Kevlar fiber as a novel sorbent has been demonstrated as a very 
simple, robust and sensitive sample preparation technique for extracting and 
determining trace levels of PAHs in water samples.  This is the first report of a 
commercial polymeric fiber being used as an extraction filament directly, i.e. there is 
no requirement of a fabricated device or apparatus to support the fiber(s).  The 
developed methodology coupled with HPLC-FLD could achieve quantification limits 
at low ng per liter levels, good linearity and acceptable reproducibility.  In addition, 
this method is also relatively cost-effective with a single fiber being capable of being 
used up to 50 times with excellent stability.  Preliminary results based on this work 
for real rainwater samples showed the presence of PAHs, as might be expected.  Work 
is continuing to further develop and apply the procedure to other organic compounds 










Use of Commercial Polymeric Fiber for Solid-Phase Microextraction 
Coupled with High-Performance Liquid Chromatography for the 
Analysis of Parabens in Water Samples 
 
3.1 Introduction 
Parabens are esters of p-hydroxybenzoic acid.  These compounds are extensively used 
as preservatives and bactericides in cosmetics, pharmaceutical and personal care 
products (PPCPs), as well as in processed food and beverages [379,380], due to their 
broad antimicrobial spectrum with relatively low toxicity, good stability, non-
volatility and their worldwide regulatory acceptance [381].  The antimicrobial activity 
of parabens increases with increasing length of the alkyl chain of ester group, but 
shorter esters are practical choices because of their higher solubility in water.  As a 
result, methylparaben and propylparaben are the most frequently used parabens, and 
combinations of two or more parabens are often used together to provide synergistic 
effects and increase system’s ability to withstand microbial contaminations [382,383]. 
 
Although their acute toxicity is very low, the widespread use of parabens in 
household products can result in potential health risks, as they all exhibit varying 
degrees of endocrine disrupting properties [384].  It has been estimated that average 
total paraben exposure per individual is 76 mg day-1 (or 1.3 mg kg-1 day-1 for a person 
weighing 70 kg); with cosmetics and personal products accounting for 50 mg day-1, 
drugs 25 mg day-1, and food 1 mg day-1 [385].  Various in vitro and in vivo studies 
have revealed that parabens show certain estrogenic activity which, although 
relatively weak in comparison with that of 17β-estradiol [386], cannot be negligible as 
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continuous exposure to low-levels of parabens may modulate or disrupt the endocrine 
system, and thus may have harmful consequences on human health [387].  Moreover, 
their potential contribution to the rising incidence of breast cancer [388-391] and 
adverse reproductive effects [392,393] has been highlighted recently.  Due to their 
absorption from topical application and ingestion of diverse consumer products, 
parabens have been detected in human breast tumor tissue [394,395], milk [396], urea 
[397,398] and serum [399,400]. 
 
Because of their widespread use and resistance to antimicrobial degradation, 
parabens are widely distributed in the environment [401].  From the environmental 
point of view, effects of parabens are supposed to be practically negligible since they 
are effectively removed during conventional sewage treatment plant processes 
[379,402].  However, many cosmetics and PPCPs, e.g. bath gels, shampoos, 
deodorants, antiperspirants, sunscreen creams and toothpastes, might contribute to the 
direct introduction of parabens into the aquatic media, and particularly potable water 
sources, via domestic and industrial wastewaters [382,403].  Some studies have found 
the presence of parabens in raw wastewater [379,402,404,405], treated sewage 
[379,402,404,406] and river water [404,406-409] samples.  In addition, presumably 
originating from consumer products, parabens were also detected in indoor air and 
household dust samples [410-412].  More recently, parabens have also been detected 
in soil and sediment samples [380]. 
 
Parabens are readily biodegradable under aerobic conditions, however their 
continuous release into aquatic ecosystems make them act as “pseudo-persistent” 
compounds [413,414].  Moreover, the presence of parabens in mixtures, together with 
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other weak estrogenic compounds (e.g. hydroxylated polychlorinated biphenyls, 
benzophenones, BPA and genistein), even though at concentration below their “no 
observed effect” concentrations level, might produce substantial estrogenic activity 
due to additive combination effects [415].  In addition, parabens occur in the 
environment at much higher concentration than the 17β-estradiol [416].  For these 
reasons, a growing concern has arisen in relation to their potential long-term health 
effects on human and aquatic organisms.  However, available ecotoxicological data 
for parabens are still scarce [417] and little work has been done to quantify their 
distribution and fate in the environment [401].  Therefore, environmental levels of 
parabens should be maintained under surveillance in order to know their occurrence 
and distribution in the aquatic media. 
 
Available pretreatment methods for the extraction of parabens from water 
samples are mainly based on SPE [382,402-404,406-408,416,418-420].  However, the 
multistep process of SPE is often tedious and time consuming, needing considerable 
volume of toxic solvents, and may lead to analyte loss [138]. 
 
SPME [379,417] was developed in the early 1990s as a valuable alternative to 
SPE in the analysis of parabens in water samples.  SPME reduces the sample 
requirement, avoids the use of organic solvents and minimizes the number of steps 
involved in the sample preparation [421]. 
 
After the enrichment step, parabens are determined by GC [402,408], LC 
[404,406,407,409,416,418-420] or CE [382,403].  For GC based techniques, 
derivatization of these highly polar compounds is required to reduce their adsorption 
in the chromatographic system, improving sensitivity, peak separation and peak 
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symmetry [417,422].  Moreover, solvent exchange is usually employed after SPE for 
GC analysis [402,408].  These additional steps often increase sample preparation time, 
expensive, and may lead to substantial sample loss, and thus a decrease in sensitivity.  
Thus, LC is preferable to GC in that a simpler sample preparation is sufficient since 
no derivatization is needed and water-based samples can be handled easily [420].  CE 
represents an interesting alternative to chromatographic techniques due to its 
simplicity, high separation efficiency, selectivity, easy of instrumentation and low 
cost, however it suffers from poor detection sensitivity [382]. 
 
The application of polymeric fibers (e.g. Kevlar, Nomex, Technora and Zylon) 
in the analytical field as potential SPME sorbents is gaining importance in recent 
years because of their unique chemical and physical properties, such as excellent 
thermal stability, resistance to chemical species and good solvent stability [358].  
These synthetic materials possess a high hydrophobic surface area and exhibit strong 
interaction capabilities for various compounds.  As a result, polymeric fibers have 
been used as sorbent material, both in FIT-SPE [128,130,373,423] and fiber-packed 
needle-type extraction [424] configurations for the determination of variety of organic 
compounds in different samples. 
 
In our previous work (Chapter 2) [425], a novel SPME configuration making 
use of polymeric fiber as sorbent was developed and optimized for the quantitative 
screening of PAHs in rainwater samples.  This approach was based on the tumbling of 
a short length of Kevlar fiber in a stirred aqueous sample solution, and the extracted 
analytes were then desorbed ultrasonically prior to HPLC-FLD analysis.  The fiber 
tumbled freely and directly within the sample solution during extraction.  Thus there 
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was no need to fabricate any specific device to support the fiber for the extraction.  
The large surface area of direct contact between both phases accelerated the mass-
transfer process and led to an increase in the extraction efficiency.  Therefore, this 
easy applicable technique can be employed as a simple and efficient extraction and 
preconcentration procedure for organic compounds in aqueous samples.  To the best 
of our knowledge, the extraction performance of this newly developed technique for 
parabens has not been previously reported. 
 
The aim of the work presented in this chapter was on the development of a 
new application of Kevlar fiber as sorbent material for parabens extraction, 
preconcentration and sample cleanup from water samples.  The main experimental 
parameters potentially affecting the microextraction process were thoroughly studied, 
and then the developed and optimized procedures were applied for the analysis of 
trace parabens in genuine water samples.  Moreover, for the first time, the storage 
performance of Kevlar fiber was evaluated.  Five parabens were considered in urban 




3.2.1 Chemicals and Materials 
The parabens, methylparaben (MP), ethylparaben (EP), propylparaben (PP), 
isobutylparaben (IP) and benzylparaben (BP) were purchased from Alfa Aaser 
(Heysham, Lancashire, UK).  Figure 3.1 shows the chemical structures of the target 
analytes.  The stock solutions of individual analytes were prepared at 1 mg mL-1 in 
methanol.  A mixture of all analytes at 1 µg mL-1 was prepared weekly as fresh 
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working solution by stepwise diluting the stock solutions with methanol.  Diluted 
working solutions were prepared daily in ultrapure water to appropriate concentration 
levels, and used as calibration solutions as well as for spiking sample solutions.  All 
solutions were refrigerated at 4 oC and protected against daylight when not in use. 
 
 
Figure 3.1  Chemical structures of parabens. 
 
All organic solvents used were of HPLC-grade.  Acetone, acetonitrile and 
methanol were purchased from Tedia (Fairfield, OH, USA).  Ultrapure water (18 M 
cm) was obtained from Milli-Q water purification system (Millipore, Bedford, MA, 
USA) and used throughout this work.  Sodium chloride (NaCl) obtained from J.T. 
Baker (Phillipsburg, NJ, USA) was employed to adjust the ionic strength of sample 
solutions. 
 
The commercial polymeric fiber, Kevlar 29 was kindly provided by Professor 
Kiyokatsu Jinno from Toyohashi University of Technology (Toyohashi, Japan) and 
utilized as received without modification.  Figure 3.2 shows a short length of Kevlar 
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fiber with numerous aligned filaments.  The specifications and unique characteristics 
of Kevlar fiber were described in Sections 2.2.1 and 2.3.1 respectively.  The SEM 
morphology of Kevlar fiber was shown in Figure 2.4 and it is observed that the fiber 
filaments were fine, uniform in diameter (ca. 9.23 µm) and highly aligned. 
 
 
Figure 3.2  Aligned filaments of Kevlar fiber. 
 
Environmental water samples were collected locally from domestic drainage 
canals.  All samples were stored in precleaned glass bottles and stored at 4 oC until 
analysis.  The collected wastewaters were analyzed (within 48 h) without any prior 
treatment or filtration in order to demonstrate the applicability and robustness of the 
proposed method.  Due to the ubiquitous use of parabens, care must be taken to avoid 
contamination of the samples and laboratory environment.  These precautions include 
avoiding the use of products containing these target analytes, use of gloves for sample 
handling, use of high-purity solvents and careful cleaning of glassware [401].  The 
typical glassware cleaning procedures were described previously in Section 2.2.1.  
Quantification of the analytes was done by external calibration where a series of 
standard solutions was prepared by dilution of the stock solution and analysis by 
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HPLC-UV to obtain linear calibration plots for each analyte based on the 
chromatographic peak areas. 
 
3.2.2 Instrumentation 
The chromatographic analysis of parabens was performed on a Waters (Milford, MA, 
USA) HPLC system.  The HPLC system consisted of a Rheodyne (Cotati, CA, USA) 
7725i manual injector equipped with 20-µL sample loop, a Waters 1525µ binary 
pump and a Waters 2487 UV/Vis dual-wavelength absorbance detector.  Spectral 
acquisition and chromatographic data processing were accomplished with Waters 
Empower software. 
 
Gradient separations of parabens were carried out using a Merck (Darmstadt, 
Germany) monolithic C18 reversed-phase column (Chromolith Performance RP-18, 
100 mm × 4.6 mm I.D., 2 μm particles size) which inlet is capped with a guard 
column (Chromolith RP-18E, 10 mm × 4.6 mm I.D.).  A binary mobile phase 
consisted of acetonitrile and ultrapure water was used and the flow rate was 2 mL 
min-1.  The gradient profile started at 30% acetonitrile, and then increased linearly to 
40% in 6 min, after that was brought back to starting condition in another 6 min.  
Gradient elution was chosen to improve the peak shape for tailed peaks, which is 
important in trace analysis.  A 8-min equilibration time was incorporated between 
runs.  Total analysis time was 20 min.  The column temperature was kept at 25 oC 






3.2.3 Extraction Procedures 
The experimental setup employed is shown in Figure 2.3.  The extraction procedures 
used were similar to those described previously in Section 2.2.3.  Briefly, each Kevlar 
fiber (pre-cut into 8-cm segments) was cleaned and conditioned by ultrasonication in 
ultrapure water and acetone for 5 min.  For extraction, the fiber was allowed to tumble 
freely within a 10-mL aqueous sample which has been spiked with 10 μg L-1 of each 
paraben.  The extraction was carried out for 5 min under stirring speed of 700 rpm 
using Vibramax 100 magnetic stirrer (Heidolph, Kelheim, Germany).  After 
extraction, the fiber was removed, dab-dried with lint-free tissue, and place in a 
Chrompack crimper vial (Palo Alto, CA, USA).  A precleaned pair of tweezers was 
used to handle the fiber.  The extracted analytes were desorbed by ultrasonication for 
5 min in 100 μL of acetonitrile, out of which 10 μL was used for HPLC analysis.  The 
fiber can be reused after ultrasonically cleaned in ultrapure water and acetone for 5 
min.  The storage performance of Kevlar fiber was evaluated by storing the fiber 
(with extracted analytes) in crimper vial for at least 48 h before ultrasonically 
desorbed for HPLC analysis. 
 
3.3 Results and Discussion 
3.3.1 Optimization of Extraction Procedures 
The objective of the optimization procedure was to obtain a maximum analyte 
recovery and low detection limits in a relatively short extraction time.  The parameters 
investigated were extraction time, desorption time, desorption solvent, sample volume 




Extraction time is the time-limiting step and is one of the most crucial steps in 
the development of microextraction methods.  Like SPME and SBSE, this polymeric 
fiber-based SPME procedure is an equilibrium rather than exhaustive extraction 
procedure.  The extraction efficiency depends on partitioning of target analytes to the 
fiber surface.  Extraction duration from 1 to 30 min was investigated to determine 
equilibrium time (Figure 3.3).  Initial partitioning was very rapid and the highest 
extraction efficiency was achieved in 5 min.  Free tumbling of the extraction device 
within the sample solution facilitated the extraction.  In addition, direct contact 
between extracting fiber and sample solution, which provide larger contact surface 
area between both phases, also accelerated the mass-transfer process and led to higher 
extraction efficiency.  This is one of the advantages of this newly developed method if 
compared with membrane-protected sorbent-based extraction method (in which the 
extraction device also tumbled freely in the sample solution) [376,426-428].  In 
contrast to membrane-protected sorbent-based extraction, in which analytes must 
diffuse through the membrane before they can reach the sorbent, the robustness and 
durability of Kevlar fiber enabled it to be used as extraction device directly and 
maintain its integrity throughout extraction, thus achieved equilibrium state quickly.  
Hence, its extraction time was relatively faster (5 min) than membrane-protected 
extraction (30 to 50 min) [376,426-428].  However, after 5 min, the extraction 
efficiency decreased gradually.  The back-extraction effect may be due to the 
solubility of analytes in water or loss of analytes from the sample solution into the 
headspace that would reduce the extracted analyte concentrations.  Therefore, an 
























Figure 3.3  Effect of extraction time on extraction efficiency. 
 
After extraction, ultrasonication was used to desorb the parabens from Kevlar 
fiber.  Desorption time was examined from 3 to 30 min (Figure 3.4).  The desorption 
profile showed that 5-min time was sufficient to achieve almost complete desorption 
of parabens.  However, unduly extending the desorption time decreased the 
desorption efficiency.  This back-desorption phenomenon may be due to the fact that 
Kevlar fiber has a high affinity for the parabens.  Nevertheless, this polymeric fiber-
based SPME method gave relatively faster desorption (5 min) compared to 
membrane-protected sorbent-based SPME (10 to 40 min) [376,426-428].  In order to 
ensure complete desorption, the desorption process was repeated using the same 
extracting fiber.  No analytes were detected in the second desorption, which means no 
carryover was observed under these desorption conditions.  Furthermore, the 
possibility of carryover was eliminated by ultrasonically cleaning the fiber in 
ultrapure water and acetone for 5 min before reuse.  By including the cleanup steps 
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after extraction, the fiber can be reused for ca. 50 times with negligible variations on 




















Figure 3.4  Effect of desorption time on extraction efficiency. 
 
Selection of a suitable desorption solvent was assessed based on the 
solubilization capability of solvent and compatibility of analytical instrument used.  
Since parabens are highly hydrophobic compounds (log Kow = 1.663.56) [384], 
which require use of organic solvent in dissolving resolving them, and reversed-phase 
HPLC was used for analysis, three common water-miscible organic solvents, i.e. 
acetonitrile, acetone and methanol were evaluated as potential desorption solvents.  
Among these solvents, acetonitrile afforded the best desorption efficiency (Figure 3.5).  
If we compare the solvation power of solvent in term of dipole moment, acetonitrile 
has the largest dipole moment (3.2 D) compared to acetone (2.9 D) and methanol (1.7 
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D) [374].  Thus acetonitrile could yield the strongest dipole-dipole interactions with 
parabens (except BP), and facilitate the desorption of parabens from the extracting 
fiber.  On the other hand, parabens with branching alkyl group (i.e. IP) or an aryl 
group (i.e. BP) in their ester moiety, gave the higher response under UV detection.  
This may be attributed to the fact that the longer the aliphatic chain of the ester, the 
stronger was its positive induction effect (protonation) [429].  This induced stronger 




















Figure 3.5  Effect of desorption solvent on extraction efficiency. 
 
The amount of analyte extracted usually increases with the sample volume, 
and this effect is more pronounced for compounds having high distribution constants 
between the extracting fiber and the sample matrix.  However, experiments for testing 
the effect of sample volume are often limited by the size of sample vials (1.5 to 20 mL) 
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or by the sample volume available [430].  Thus, the effect of sample volume from 5 to 
20 mL with identical spiked concentration (10 μg L-1 of each paraben) on extraction 
efficiency was investigated (Figure 3.6).  It is shown in the figure that the maximum 
extraction efficiency was reached at 10 mL of sample.  However, when the sample 
volume was larger than 10 mL, the amount of parabens extracted did not increase or 
was independent of the increase in sample volume.  The limit of this enrichment may 
be due to the fact that fiber adsorption sites were fully saturated with the analytes [376] 
when the sample volume was above its critical volume (10 mL) [430].  Hence, 10 mL 
was selected as the optimal sample volume.  Alternatively, adsorption site saturation 
may also be studied by changing analyte concentration and determining the isotherm 
























The addition of a soluble salt into the sample increases its ionic strength.  
According to the hydration theories [431], as the concentration of ions in water 
increases, more and more water molecules are used to hydrate them, and fewer water 
molecules are available to hydrate the organic compounds.  The aqueous solubility of 
many organic compounds (except for highly polar compounds) usually decreases in 
the presence of soluble salt due to this salting-out effect, which causes the analytes to 
pass more readily from the sample solution to the extracting phase [430].  The effect 
of NaCl addition, ranging from 0 to 30% (w/v) in the sample solution was evaluated 
(Figure 3.7).  It is observed that the extraction efficiency for parabens decreased 
gradually with increasing NaCl concentration.  This counter effect may be due to the 
phenomenon that the aqueous solubility of analytes did not change or decrease in the 
presence of salt, the addition of salt decreased the amount of analytes extracted by 
decreasing the activity coefficients and thus the distribution constants of the analytes 
[138,432].  This observation may also be due to the increase in viscosity of the sample 
solution following the addition of large amount of salt.  As a result, the diffusion rate 
of analytes from aqueous solution to the extracting fiber decreased and, consequently, 
the time required to reach equilibrium increased, thereby impeding the mass-transfer 
process [379,433].  Therefore, further experiments were performed in the absence of 
salt. 
 
Our results are in disagreement with those of previous work, which reported 
no significant differences [417] or a certain degree of enhancement [379] in the 
extraction efficiency for parabens in the presence of NaCl when working with direct 
immersion SPME and derivatized parabens.  Nevertheless, the addition of salt is 
preferred for headspace SPME because fiber coatings are prone to deterioration 
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during agitation by direct immersion SPME [430].  On the contrary, our newly 
developed polymeric fiber-based SPME method can be used as a robust sample 
preparation approach because of the resistance of the Kevlar fiber to typical salt 
solutions.  For instance, Kevlar fiber could retain its useful properties in NaCl 






















Figure 3.7  Effect of addition of sodium chloride on extraction efficiency. 
 
 Analyzing a sample that has been stored for a long period of time will 
sometimes give different values for the analytes than when the sample is analyzed 
while fresh [434].  Repeatable and reproducible extractions are some of the 
requirements for accurate determination in environmental analysis.  The storage 
performance of the Kevlar fiber was evaluated.  After extraction, the sampled fibers 
were stored in the refrigerator at 4oC for up to 48 h to monitor the variation during the 
storage of the samples.  During the storage period, the fibers were sealed in the 
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crimper vials which were wrapped with aluminum foil.  The result showed that the 
extracted parabens could be quantitatively determined after being stored for two days.  
The intraday and interday precision for the proposed method were in the range of 
4.514.5% and 5.614.2%, respectively (Table 3.1).  It is recommended to increase 
the sample size (n >3) for quantification of parabens in order to obtain better precision.  
The good storage performance of the Kevlar fiber clearly demonstrated the potential 
and advantageous features of this newly developed method when analyzing a large 
number of samples at the same time, and indicates the potential of using them for on-
site extraction. 
 
Table 3.1  Intraday and interday precision of the proposed method. 
Analyte Precisiona (RSD, %, n = 3) 
Intraday Interday 
MP 14.5  11.2  
EP 14.3  14.2  
PP 11.6  5.6  
IP 11.4  10.4  
BP 4.5  6.4  
 
a Water samples containing 30 µg L-1 of each paraben. 
 
3.3.2 Method Validation 
The performance of the method was examined under optimal extraction conditions in 
term of linearity, precision, LODs, limits of quantification (LOQs) and relative 
recovery (Table 3.2).  The linearity of the method ranged from 0.01 to 50 µg L-1.  
Good linearity was demonstrated for all parabens with correlation coefficients 
exceeding 0.9962.  The difference of linearity range between parabens and PAHs 




Table 3.2  Quantitative results of parabens extraction from water samples using Kevlar fiber. 






LOD (µg L-1)  
(S/N = 3) 
LOQ (µg L-1) 
(S/N = 10) 
LODa (µg L-1) 
 
LOQc (µg L-1) 
MP 1.7 0.01-50 0.9963 0.0016 0.0052 0.0170 0.0250 
EP 2.5 0.01-50 0.9962 0.0035 0.0117 0.0088 0.0050 
PP 3.9 0.01-50 0.9984 0.0030 0.0099 0.0040 0.0020 
IP 5.8 0.01-50 0.9989 0.0061 0.0203 nab na 
BP 6.4 0.01-50 0.9998 0.0038 0.0125 na 0.0050 
 
a HS-SPME coupled with GC-MS/MS [417]. 
b Not available. 










The precision of the method, expressed as %RSDs, were evaluated for three 
replicates of the spiked water samples prepared at 30 µg L-1 of each paraben (Table 
3.1).  Satisfactory precision were obtained, with the intraday precision (repeatability) 
and interday precision (reproducibility) that were lower than 14.5% and 14.2%, 
respectively. 
 
The LODs of the method, defined in term of a S/N ratio of 3, ranged from 1.6 
to 6.1 ng L-1.  The LOQs, defined as the minumim analyte concentration required to 
ensure precise quantitative measurements, was determined on the criterion S/N ratio 
of 10.  LOQs for all parabens ranged from 5.2 to 20.3 ng L-1.  The LODs obtained 
were better than values previously reported for HS-SPME coupled with GC-MS/MS 
[417], and LOQs obtained were comparable with SPME coupled with GC-MS/MS 
[379]. 
 
The accuracy of the method was evaluated based on relative recovery.  The 
relative recovery, is defined as the ratio of the measured concentration of the analytes 
in real samples to the measured concentration of analytes in ultrapure water samples 
spiked with the same amounts of analytes.  Since the recovery of analytes often varies 
with concentration, the spiked and investigated analyte concentrations should be as 
close as practical [434].  Thus, in order to assess matrix effects, genuine wastewater 
samples were spiked at three concentration levels of 0.5, 5 and 50 µg L-1 of each 
paraben (Table 3.3) to cover the range of possible concentrations.  Relative recoveries 
varied from 79.9 to 114.3% at the lowest concentration, and from 86.4 to 104.6% at 
the highest concentration, indicating the matrix effects are negligible and thus 
quantification can be performed using external calibration. 
106 
 
Table 3.3  Extraction relative recoveries obtained by proposed method on spiked 
wastewater samples. 
Analyte Relative recovery (%) (RSD, %, n =3) 
Spiked at 0.5 µg L-1 Spiked at 5 µg L-1 Spiked at 50 µg L-1 
MP 79.9 (5.5) 96.4 (8.1) 104.6 (5.8) 
EP 114.3 (9.6) 99.0 (3.7) 88.2 (4.5) 
PP 95.9 (4.9) 108.1 (5.5) 90.8 (7.2) 
IP 91.7 (11.1) 100.6 (4.5) 86.4 (10.9) 
BP 90.0 (8.8) 85.0 (5.6) 92.5 (4.2) 
 
Figure 3.8 shows a representative chromatogram of an extract from (a) spiked 
ultrapure water and (b) wastewater sample after extraction by the proposed method 
under the most favorable extraction conditions as described in Section 3.3.1. 
 
 
Figure 3.8  Liquid chromatograms of (a) spiked ultrapure water extract at 
concentration level of 10 µg L-1 of each paraben and (b) wastewater extract.  
Extraction conditions: extraction time, 5 min; desorption time, 5 min; desorption 
solvent, acetonitrile; sample volume, 10 mL.  Peak identification: (1) MP, (2) EP, (3) 




3.3.3 Analysis of Genuine Samples 
The developed method was applied to the analysis of parabens in genuine wastewater 
samples collected from local drainage canals (Table 3.4).  Each wastewater sample 
was divided into three parts and analyzed in parallel.  All the studied parabens were 
detected in the wastewater.  Since MP and PP are the most widely used parabens 
[382,403], thus, as expected, they were the most abundant compounds found in 
wastewater with concentration up to 0.86 µg L-1 and 0.65 µg L-1, respectively.  These 
results are in good agreement with those previously reported [379,402-404]. 
 
Table 3.4  Concentration of parabens found in wastewater samples. 
Analyte Mean concentration (µg L-1) (RSD, %, n =3) 
Site 1 Site 2 Site 3 
MP 0.86 (10.7) 0.54 (11.9) 0.77 (9.2) 
EP 0.27 (9.2) 0.17 (15.3) 0.14 (10.1) 
PP 0.65 (6.9) 0.60 (7.2) 0.32 (5.7) 
IP 0.08 (7.3) 0.02 (6.1) 0.06 (5.1) 
BP 0.01 (4.2) nda  0.02 (12.7) 
 
a Non-detected or below the limit of quantification. 
 
3.4 Conclusions 
A rapid, robust and sensitive Kevlar fiber-based SPME method coupled with HPLC-
UV has been developed for the analysis of parabens in wastewater samples.  The 
entire analytical process, including sample preparation and determination, was 
performed within 30 min, which enabled a high sample throughput.  The developed 
method achieved quantification limits at the low ng per liter levels, presented 
acceptable precision and was not significantly affected by matrix effects.  The 
practical applicability was validated and successfully used to confirm the ubiquitous 
presence of target parabens in wastewater at concentration up to 0.86 µg L-1, with the 
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highest levels corresponding to MP and PP.  A single fiber can be reused for up to 50 
extractions with negligible carryover effects and deterioration in extraction capability.  
In addition, the satisfactory storage performance of the fiber clearly demonstrated the 

























Agitation-Assisted Dispersive Liquid-Liquid Microextraction 
Combined with Hollow Fiber Liquid-Phase Microextraction for the 
Determination of Bisphenol A in Environmental Water Samples 
 
4.1 Introduction 
Bisphenol A (BPA) is a high-production-volume chemical used in an array of 
consumer products since the 1950s.  It is estimated that the 2011 global annual BPA 
production is up to 5.4 × 109 kg and growing at average 5% per year [435].  Owing to 
BPA-based materials unique toughness, heat resistance, corrosion resistance, physical 
flexibility and optical properties, BPA is a primary component of shatterproof 
polycarbonate plastics found in reusable drink containers, digital video discs, cell 
phones, eyeglass lenses, automobile parts, and sports safety equipment.  It is also a 
key component of epoxy resins for food and drink can liners, paints and coatings, 
adhesives, and composite materials [435,436].  Due to an increase in products based 
on polycarbonate plastics and epoxy resins, human exposure to BPA has increased.  
The primary route of human exposure is considered mostly occurs via residues 
contained in food and beverages [437].  However, BPA levels in the general 
population appear to be higher than doses theoretically received through dietary 
exposure [438].  This discrepancy indicates that not all sources of BPA have been 
clearly identified [439].  Several recent studies suggesting that nondietary sources 
such as thermal papers [440,441], paper currencies [442] and paper products [443] 




 This man-made endocrine disruptor was first synthesized in 1891, and its 
estrogenic properties were revealed in the 1930s [444].  According to the US Food 
and Drug Administration (FDA), USEPA and European Food Safety Authority 
(EFSA), people can safely be exposed to up to 50 µg of BPA per kg of body weight 
per day [445,446].  However, persistent scientific, regulatory and public concerns 
about the potential health risks associated with BPA exposure have been raised 
recently.  Hundreds of in vitro and in vivo studies have shown that exposure to BPA, 
even at low dose, has been linked to various adverse health effects, such as prostate 
and breast cancer, heart disease, reproductive abnormalities, male sexual dysfunction, 
female accelerated puberty, diabetes, obesity, liver damage and attention deficit 
hyperactivity disorder [445-452]. 
 
 Although researchers have long recognized and reported the deleterious effect 
of BPA on human, its safety status and exposure routes remain controversial, and this 
confounding situation has led to vigorous debates on whether it should continue to be 
freely used, restricted for uses, or banned completely [435,444,453-455].  
Nevertheless, Canada has become the world’s first country to declare BPA as a toxic 
substance and take steps to ban it from consumer products [456,457].  On the contrary, 
EFSA reconfirmed that BPA is safe at current daily threshold (50 µg kg-1 day-1) [458].  
Meanwhile, FDA admitted that it has “some concern” (mid level of its scale of alarm) 
about the potential health effects of BPA on infants and children [459]; and US 
National Institute of Health has invested US$30 million on related research in order to 




 Due to its widespread use in many industrial and commercial products, BPA is 
more ubiquitous in the environment than originally understood.  According to EPA, 
more than 4.5 × 105 kg of BPA are released into the environment annually [461], thus 
it has frequently been detected in environmental matrices, including air, water, 
sewage sludge, soil, dust and sediment, as well as in human tissues and fluids 
[437,462-466].  It is estimated that more than 90% world population is chronically 
exposed to BPA [442].  BPA is generally described as rapidly metabolized, with 
virtually complete elimination within 24 h of acute exposure [463], however the rapid 
metabolism does not dismiss the potential risk from chronic BPA exposure [467].  
Moreover, recent study suggested that BPA has potential for bioaccumulation in 
human body [468]. 
 
 The USEPA has added BPA to its list of “chemical of concern” which targeted 
for possible regulation and concerning about its potential risks to the environment and 
public health [461,469,470].  The potential effects of environmental concentrations of 
BPA on aquatic organisms and wildlife has been reported in the literature [471-474].  
BPA is readily biodegradable under aerobic conditions in the aquatic environment 
with average half-life below 5 days [472,475], however recent study shows that 
biodegradation of BPA can result in more toxic metabolites than the parent compound 
[476].  Based on the precautionary principle, exposure to BPA should be limited in 
vulnerable populations such as infants, children and pregnant women [477].  Until 
there are definitive scientific assessment and regulatory agreement on the safety of 
BPA, it is important to evaluate and monitor the environmental occurrence, fate and 




 The most popular sample pretreatment technique being used for the separation 
and preconcentration of BPA from water samples is SPE [402,406,478-486].  In 
recent years, the solvent-free and solventless sample preparation techniques such as 
SPME [487-490], SBSE [491], SDME [492-494], HF-LPME [495] and DLLME 
[494,496-499] have also gained popularity for the trace enrichment of BPA in 
aqueous samples.  The advantages and disadvantages of these microextraction 
techniques were summarized in Table 1.3. 
 
 One of these emerging techniques, i.e. DLLME has found wide acceptance in 
separation science because of its simplicity, rapidity of operation, low consumption of 
solvents and reagents, and ease of method development, which made it accessible to 
virtually all analytical laboratories [500,501].  In DLLME, extraction of analytes takes 
place in dispersion of the extraction solvent made in the water sample.  Therefore, 
DLLME efficiency is restricted by solvent selection to systems capable of forming a 
dispersive phase [500].  Moreover, the use of disperser solvent is unfavorable because 
it commonly decreases the partition coefficient of analytes into the extraction solvent 
[502].  This limitation has been partially circumvented by using different variations 
(without or little disperser solvent consumption) which promote dispersion, e.g. the 
aid of temperature [313,314,503], ultrasound [504], agitation [499,505,506] and 
manually shaking [311].  However, temperature-controlled DLLME can cause analyte 
losses due to volatilization at higher temperatures, while ultrasound-assisted DLLME 
may cause analyte degradation through large pressure and temperature gradients, high 
shear forces, and by free radicals generation [505].  On the other hand, agitation-
assisted DLLME (AA-DLLME) is a mild liquid-liquid microextraction procedure, 
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which can eliminate the use of disperser solvent and overcome the aforementioned 
disadvantages. 
 
 The performance of DLLME in simple matrix such as aqueous samples is 
excellent, however, it is not suitable for complex matrices such as highly saline 
solution and biological samples [507].  In order to diminish the matrices interference 
and obtain enough sedimented phase without solid deposition for subsequent 
determination, matrix simplification (sample cleanup) such as filtration is often 
required before DLLME [305].  Recently, combination of DLLME with other 
extraction techniques such as SPE [306,307,508,509] and SBSE [510] were 
developed for complex aqueous samples in order to obtain better selectivity and 
sensitivity.  By contrast, HF-LPME is an excellent pretreatment method, which can 
obviate the difficulty of DLLME by providing simultaneous preconcentration and 
cleanup, thus yielding very clean extracts from complex sample matrices 
[241,242,252]. 
 
 In the present work, we proposed a novel extraction technique based on the 
combination of AA-DLLME and HF-LPME for the extraction and determination of 
BPA in water samples.  A solvent with density lower than water, i.e. toluene, was 
used as an extraction solvent in the AA-DLLME, and also as an acceptor phase in the 
following HF-LPME.  Unlike conventional DLLME, no disperser solvent was 
involved.  In addition, special extraction device [511] and phase separation 
procedures such as centrifugation and freezing, are not necessary in AA-DLLME.  It 
is noteworthy that the target of HF-LPME was not only to extract the BPA from the 
aqueous sample solution, but also to retrieve BPA from the dispersed toluene (BPA-
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enriched) in the foregoing AA-DLLME.  Thus, only the final extract inside the lumen 
of the hollow fiber was injected into the GC, followed immediately by an injection of 
BSTFA to directly derivatize the BPA before MS analysis.  To the best of our 
knowledge, this study describes the first application of AA-DLLME coupled with HF-
LPME, which provided the advantages of both, for the analysis of organic compounds 
in water samples.  The effects of various experimental parameters on the extraction 
efficiency were optimized.  The method performance was studied in terms of linearity, 
accuracy, repeatability, limit of detection and limit of quantification.  To demonstrate 
the applicability of the proposed method, several types of environmental water 
samples including canal water, pond water and seawater were analyzed. 
 
4.2 Experimental 
4.2.1 Chemicals and Materials 
BPA (purity ≥99%) was purchased from Sigma-Adrich (St. Louis, MO, USA).  Figure 
4.1 shows the chemical structure of the BPA.  The stock solution of BPA was 
prepared at 1 mg mL-1 in acetone.  The working solutions of 1 µg mL-1 and  10 µg 
mL-1 were prepared weekly by diluting the stock solution with acetone.  Both stock 
and working solutions were refrigerated in the dark at 4 oC. 
 
 




 The HPLC-grade acetone was purchased from Tedia (Fairfield, OH, USA).  1-
octanol, ethylbenzene, isooctane, n-nonane, n-octane and toluene were obtained by 
Merck (Darmstadt, Germany).  Dihexyl ether was obtained from Sigma-Adrich (St. 
Louis, MO, USA).  All of these solvents were analytical grade.  Ultrapure water (18 
M cm) was provided by  Milli-Q water purification system (Millipore, Bedford, MA, 
USA). 
 
 The derivatization reagent BSTFA (purity >98%) was obtained from Merck 
(Darmstadt, Germany).  NaCl obtained from J.T. Baker (Phillipsburg, NJ, USA) was 
utilized to adjust the ionic strength of sample solutions.  Hydrochloric acid and 
sodium hydroxide, also obtained from J.T. Baker (Phillipsburg, NJ, USA), were 
employed to adjust the pH of sample solutions. 
 
 The Accurel Q3/2 polypropylene hollow fiber (600 µm I.D., 200 µm wall 
thickness, 0.2 µm pore size) was purchased from Membrana (Wuppertal, Germany).  
The hollow fiber was cut into 1.3-cm segments, and then ultrasonically cleaned (2 
min) in acetone, and air dried before use.  This length of hollow fiber allowed the use 
of ca. 34 µL of solvent for the extraction [265].  Every hollow fiber was for single 
use to eliminate the possible of carryover.  Besides, compared with commercially 
available SPME fiber (each costs more than USD 70, the exact cost varies depending 
on different SPME fiber configurations), polyproplylene hollow fiber is considerably 
much less costly (one bundle of 2600 pieces with 53.5 cm length costs about USD 
200) [262].  Therefore, it was not time- and cost-effective to test the carryover and 




 A 10-µL GC microsyringe (SGE, Victoria, Australia) with a cone needle tip 
(0.47 mm O.D.) was used as both the microextraction device in HF-LPME as well as 
the sample introduction device for GC-MS analysis.  Another identical microsyringe 
was used to inject rapidly the extraction solvent into the sample solution during AA-
DLLME. 
 
 Environmental water samples including canal water, pond water and seawater 
were collected locally.  All collected samples were stored in precleaned glass bottles 
and refrigerated in the dark at 4 oC.  All the samples were processed and analyzed 
within 48 h without any prior treatment or filtration.  In order to reduce blank 
contamination, the used of detergents and plastic materials should be avoided, and all 
the glassware was thoroughly washed with acetone, ultrapure water and methanol 
before use [499].  Quantification of the analyte was done by external calibration 
where a series of standard solutions was prepared by dilution of the stock solution, 




Analysis of BPA was performed using a Shimadzu (Tokyo, Japan) QP2010 GC-MS 
system equipped with a Shimadzu AOC-20i auto sampler and a DB-5 ms fused silica 
capillary column (30 m × 0.25 mm I.D., 0.25 µm film thickness) (J&W Scientific, 
Folsom, CA, USA).  Helium was used as the carrier gas at a flow rate of 2 mL min-1.  
The injection temperature was set at 280 oC and the interface temperature was 
maintained at 280 oC.  The solvent cut time was 5 min to bypass the solvent peak.  
Sample injection of 4 µL (2 µL extract and 2 µL BSTFA) was in splitless mode with 
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sampling time of 2 min (i.e. sample was retained in the injector port for 2 min).  The 
GC column oven temperature was initially held at 80 oC for 2 min, and then 
programmed to 280 oC at 20 oC min-1, and finally held for 8 min.  The total time for 
one GC run was 20 min.  Initially, scan mode of m/z 50500 was used to obtain 
retention time (11.4 min) and selected ions for identification and quantification.  
Subsequently, selected ion monitoring mode with a detector voltage of 1.5 kV was 
used for quantitative analysis of analyte.  The most abundant ion (m/z 357) was used 
as the quantitative ion, while another ion (m/z 372) was used for confirmation of 
compound. 
 
4.2.3 Extraction Procedures 
A schematic of the extraction procedures is given in the Figure 4.2.  Briefly, a 10-µL 
microsyringe was used to inject rapidly 2 µL toluene into a 5-mL sample vial 
containing 4 mL of sample solution.  The dispersed toluene was used to extract BPA 
in the sample solution, and would probably dissolve in sample solution after the 
extraction.  The sample solution has been spiked with 50 µg L-1 of BPA, adjusted to 
pH 7 and added 20% (w/v) of NaCl.  This was subsequently followed by HF-LPME 
for 10 min.  The sample solution was continuously stirred with a 12 mm magnetic bar 
at 700 rpm using Vibramax 100 magnetic stirrer (Heidolph, Kelheim, Germany).  
Before HF-LPME, a 10-µL microsyringe was rinsed with acetone and toluene (each 
for 3 times) to avoid possible carryover and bubbles formation.  After that, 3 µL of 
toluene was withdrawn into the microsyringe, and then the hollow fiber was attached 
to the tip of syringe needle.  The hollow fiber was immersed in toluene for 5 s to 
impregnate its pores.  Subsequently, the hollow fiber was filled with the 3-µL toluene 
and placed 5mm below the surface of the sample solution.  After extraction, 2 µL of 
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extract was withdrawn into the microsyringe and the hollow fiber was discarded, and 
then the extract was injected into GC.  In addition, 2 µL of BSTFA was also injected 
immediately using a separate microsyringe.  Both extract and BSTFA were held in the 
injection port for 2 min to ensure complete injection port derivatization before 
channelled into GC-MS system. 
 
 
Figure 4.2  Schematic of the extraction procedures of the combination of AA-
DLLME and HF-LPME. 
 
4.2.4 Injection Port Derivatization 
BPA is a polar compound with two phenolic moieties, thus it has to be derivatized 
into less polar form to increase its volatility and thermal stability prior to GC analysis.  
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BSTFA is a popular reagent used to derivatize hydroxy compound such as BPA and 
lead to the formation of trimethylsilyl derivative (Figure 4.3) [483].  However, 
conventional derivatization procedures are tedious, time consuming, and needing 
considerable volume of sample and reagent.  Moreover, the BSTFA is moisture 
sensitive [495].  In order to avoid aforementioned problem, injection port 
derivatization based on our previously reported procedure [495] was employed to 
enhance selectivity and sensitivity of this analysis. 
 
 
Figure 4.3  Chemical structure of trimethylsilyl derivative of BPA. 
 
4.3 Results and Discussion 
4.3.1 Optimization of Extraction Procedures 
In order to achieve satisfactory extraction efficiencies, several parameters including 
type and volume of extraction solvent in AA-DLLME, extraction time, stirring speed, 
sample pH and NaCl addition were optimized.  All optimization experiments were 
carried out in triplicate. 
 
 The selection of suitable organic solvent is a critical parameter in the success 
of both AA-DLLME and HF-LPME.  The selected solvent should have these criteria, 
i.e. immiscible with aqueous sample, have higher solubility for target analytes, low 
vapor, and good affinity for hollow fiber to prevent solvent loss during HF-LPME.  
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Additionally, selected solvent should be GC-amenable, so the extract can be injected 
directly into GC-MS for analysis.  Extraction time of DLLME is extremely fast (a few 
seconds [282]) if compared to HF-LPME which is usually much longer (1545 min 
[241,242]), thus selected solvent for HF-LPME has a more significant influence on 
the overall extraction efficiency.  Therefore, initial solvent selection was based solely 
on the HF-LPME.  Seven commonly used solvents in LPME which meet those 
aforementioned requirements, including 1-octanol, dihexyl ether, ethylbenzene, 
isooctane, n-nonane, n-octane and toluene were evaluated as potential extraction 
solvent (Figure 4.4).  Among these solvent, it is observed that dihexyl ether achieved 
the highest extraction efficiency.  However, extraction using dihexyl ether displayed 
poor chromatographic behavior (peak broadening and tailing).  Therefore, toluene was 
selected as the best extraction solvent for both AA-DLLME and HF-LPME.  A drying 
step (using calcium chloride, sodium sulfate or magnesium sulfate) may be added 
after extraction in order to remove any water which is resolved in dihexyl ether, and 
to obtain better chromatographic behavior. 
 
 The applicability and robustness of HF-LPME in the extraction and 
determination of BPA from water sample has been proved in our previous study [495].  
Therefore, the necessity and benefits of combining HF-LPME with AA-DLLME were 
investigated.  The extraction efficiencies of HF-LPME coupled with AA-DLLME and 
without AA-DLLME were compared (Figure 4.5).  Besides, optimal volume of 
extraction solvent (i.e. toluene) in AA-DLLME was examined.  It is shown that the 
combination of both microextraction methods obtained better extraction efficiency 
than that of HF-LPME alone.  Moreover, the highest extraction efficiency (about 











































Figure 4.4  Effect of organic solvent on extraction efficiency using HF-LPME 















Figure 4.5  Effect of toluene volume used in AA-DLLME on extraction efficiency by 




Because of toluene immiscibility, it tended to form fine droplets when injected rapidly 
into a water sample.  Subsequently, when HF-LPME was applied with agitation, 
dispersion process was improved and the dispersed toluene (BPA-enriched) kept 
contact with supported toluene membrane that immobilized in the hollow fiber pores, 
and thus facilitated the extraction of BPA into the acceptor phase within the lumen of 
hollow fiber.  Therefore AA-DLLME was a contributing factor in the enhancement of 
the extraction process. 
 
 On the other hand, using excess toluene (>2 µL) in AA-DLLME decreased the 
extraction efficiency (Figure 4.5).  This adverse effect might be due to the flotation of 
toluene layer on the sample solution when the injected toluene volume was beyond its 
solubility in water.  Although toluene is considered to be insoluble in water, it actually 
has significant aqueous solubility (0.052 %w/w at 25 oC [374]) when used for solvent 
microextraction.  Nevertheless, the dissolution does not happen instantaneously, and 
toluene would possibly dissolve if the extraction is carried out over a long period (>30 
min) [512].  Theoretically, the maximum solubility for toluene (density = 0.86 g cm-3 
[512]) in 4-mL sample solution is ca. 2.4 µL, and therefore excess toluene would tend 
to form flotation layer instead of fine droplets during DLLME, thus impeded the 
extraction efficiency.  Hence, 2 µL of toluene was used in AA-DLLME for further 
experiments. 
 
 In the classical DLLME, the extraction solvent is dispersed in sample solution 
with the aid of disperser solvent.  However, the usage of large volumes (500-1500 µL 
[283]) of disperser solvent results in lower extraction efficiencies and does not meet 
the requirement of low solvent consumption for LPME [311].  Moreover, the number 
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of extraction solvents (density greater than water) available for classical DLLME is 
limited, and hazardous solvents such as halogenated hydrocarbons are used [511].  On 
the contrary, a noteworthy advantage of this newly developed method is AA-DLLME 
was performed without disperser solvent, which is relatively more environmentally 
benign.  Indeed, disperser solvent can be eliminated using an adequate extraction 
solvent helped with an agitation step to achieve the efficient dispersion of extraction 
solvent within sample solution [499].  In addition, several discrete steps in DLLME, 
including centrifugation can be eliminated, since extraction and injection are 
performed in single device, thus this new technique is potentially adapted for 
automation.  Theoretically, any organic solvent compatible with two-phase HF-LPME 
can be used in this technique, and thus broaden the choice of extraction solvent for 
target analytes.  Another advantage of this technique is the small pore size of hollow 
fiber ensures microfiltration of the samples, thus yielding very clean extracts.  
Furthermore, the disposable nature of the hollow fiber eliminates the possibility of 
sample carryover and ensures high reproducibility. 
 
 Solvent microextraction including HF-LPME and DLLME, are based on the 
diffusion and partition of target compounds between the aqueous sample and 
extraction solvent phase.  Therefore, the whole procedure is a process dependent upon 
equilibrium rather than exhaustive extraction.  The extraction time was investigated 
from 1 to 20 min to determine equilibrium time (Figure 4.6).  The result indicated that 
combination of AA-DLLME with HF-LPME attained highest extraction efficiency in 
10 min.  However, the extraction efficiency was decreased with prolonged extraction 
time.  This counter effect may be due to the partial dissolution of dispersed extraction 
solvent in water sample and solvent evaporation from water solution that would 
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reduce the extracted analyte concentration.  Therefore, 10 min was chosen as the 



















Figure 4.6  Effect of extraction time on extraction efficiency.  Sample pH and ionic 
strength were not adjusted. 
 
 According to the mass transfer theory of solvent microextraction [209], when 
the stirring speed increases, the thickeness of the diffusion film in the aqueous phase 
will decrease and the mass transfer coefficient will increase.  In other word, 
equilibrium time is decreased and extraction efficiency is improved by efficient 
sample stirring.  The influence of stirring speed between 0 and 1250 rpm was 
evaluated (Figure 4.7).  It is observed that the maximum extraction efficiency was 
reached at 700 rpm.  The fast agitation broke up the toluene into fine droplets, which 
highly dispersed within aqueous solution to facilitate the extraction.  Additionally, 
rugged hollow fiber also allowed the use of vigorous stirring rate to constantly 
replenish the sample in close contact with SLM and accelerate the extraction kinetics.  
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However, when the higher stirring speed (>700 rpm) was applied, the air bubbles 
were formed, thus gave decreased efficiency and poor precision.  Hence, 700 rpm was 

















Figure 4.7  Effect of stirring speed on extraction efficiency.  Sample pH and ionic 
strength were not adjusted. 
 
 The solubility of hydrophobic compound such as BPA (log Kow = 3.3 [462]) in 
water usually decreases in the presence of dissolved salts due to the salting-out effect.  
Besides, salt addition can also be used to decrease the aqueous solubility of the 
extraction solvent in solvent microextraction while enhancing extraction efficiency 
[512].  In classical DLLME, when increasing the salt amount, the volume of 
sedimented phase collected would be increased [496], and this is dovetail with the 
latest beneficial effect of salt addition.  The effect of NaCl addition that up to nearly 
saturated condition (35% w/v) in sample solution was evaluated (Figure 4.8).  It is 
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shown that 20% (w/v) NaCl demonstrated the highest extraction efficiency, and was 

















Figure 4.8  Effect of NaCl addition on extraction efficiency.  Sample pH was not 
adjusted. 
 
 In two-phase solvent microextraction, the sample pH should be modified to 
suppress ionization of any acidic or basic analyte in order to improve amount of 
analytes extracted.  The influence of sample pH was investigated from 1 to 12 (Figure 
4.9).  Acidic sample pH was obtained using 1 M HCl while alkaline pH were obtained 
using 1 M NaOH.  The extraction efficiency was higher at acidic condition, with 
maximum extraction efficiency observed at pH 7.  However, as the pH increased 
greater than 7, the extraction efficiency decreased dramatically.  This phenomenon 
may be due to when the sample pH was lower than 7, the BPA was existed in its 
neutral form, which can be easily extracted by organic solvent.  However, when the 
pH was higher than 7, the solubility of BPA in water (120300 mg L-1 at 25 oC [462]) 
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was greatly increased due to its dissociation constant (pKa) ranging from 9.6 to 10.2 
[462], thus detrimental for the extraction.  Hence, pH 7 was chosen as the optimal 
sample pH.  Theoretically, the pH of ultrapure water is close to 7 at 25 oC, however, 
the measured pH of ultrapure water used in this study was ca. 5.7.  This pH 
discrepancy was due to the dissolution of CO2 in water, which formed carbonic acid 
when exposed to the atmosphere [513].  Therefore, pH adjustment of ultrapure water 



















Figure 4.9  Effect of sample pH on extraction efficiency. 
 
4.3.2 Method Validation 
The optimized extraction conditions were employed to evaluate the performance of 
the proposed method.  Under these conditions, linearity, repeatability, LODs and 
LOQs were measured (Table 4.1).  The linearity of the method was examined over a 
range of 0.05 to 500 µg L-1.  Good linearity was demonstrated with correlation  
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Table 4.1  Quantitative results and experimental parameters of the proposed method and other solventless techniques for BPA extraction in 
water samples. 
Parameter AA-DLLME  
Combined 
HF-LPME
HF-LPME DLLME DLLME SDME SBSE SPME 
Linear range (µg L-1) 0.05500 2.50250 0.5100 0.150 0.0110 0.0011 0.34195 
Correlation coefficient (r) 0.9998 0.9945 0.9985 0.9997 0.9990 0.9961 0.9986 
LOD (µg L-1) (S/N = 3) 0.0013 0.014 0.07 0.01 0.002 0.0006 0.3 
LOQ (µg L-1) (S/N = 10) 0.0042 0.024 nac 0.1 0.01 na 0.9 
RSD (%, n = 3) 7.0a 10.9b 6.0d 3.8g 8.9 and 3.2j 4.7 and 4.1j 10.0k 
Sample volume (mL) 4 5 10 5 10 10 9.5 
Solvent consumption (µL) 5 5 2000e 470h 4 na na 
Extraction time (min) 10 30 <8f ≥2i 90 60 60 
Derivatization Injection port Injection port No In situ In situ In situ No 
Determination technique GC-MS GC-MS HPLC-UV GC-MS GC-MS GC-MS GC-MS 
Reference Present study [495] [496]  [497] [492] [491] [489] 
a Spiked with 0.5 µg L-1 of BPA. 
b Spiked with 40 µg L-1 of BPA, n = 5. 
c Not available or not applicable. 
d Spiked with 100 µg L-1 of BPA, n = 5. 
e Containing 142 µL chloroform (extraction solvent) and 1858 µL acetone (disperser solvent). 
f Including 5 min centrifugation. 
g Spiked with 1 µg L-1 of BPA, n = 5. 
h Containing 30 µL chlorobenzene (extraction solvent) and 440 µL acetone (disperser solvent). 
i Including 2 min centrifugation. 
j Spiked with 0.1 and 1 µg L-1 of BPA, respectively, n = 6. 
k Spiked with 4 µg L-1 of BPA, n = 5. 
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coefficient of 0.9998.  The precision of the method was studied for three replicate 
experiments by spiking ultrapure water with BPA at 0.5 µg L-1.  RSD for BPA was 
7.0%, indicating the good precision was obtained by this technique. 
 
 The LOD calculated at a signal-to-noise of 3 was 1.3 ng L-1, while the LOQ 
calculated at signal-to-noise of 10 was 4.2 ng L-1.  These results and experimental 
parameters were compared to other previously reported solventless microextraction 
techniques, such as HF-LPME [495], DLLME [496,497], SDME [492], SBSE [491] 
and SPME [489], as summarized in Table 4.1.  The present approach gave much 
better LOD and LOQ with a relatively fast extraction time and lower solvent 
consumption. 
 
4.3.3 Analysis of Genuine Samples 
In order to demonstrate the feasibility of the proposed method, the optimized 
procedure was applied for the determination of BPA in genuine water samples, 
including canal water, pond water and seawater (Table 4.2).  As the environmental 
water samples generally contain suspended particulates, which would adsorb the 
target analytes [514], thus the collected samples were analyzed directly without 
filtration for reliable result.  The pH and ionic strength of the water samples were 
adjusted.  For seawater, only 17% (w/v) NaCl was added, as it has a salinity of about 
3% (w/v).  BPA was detected in canal water and pond water at concentration of 0.99 
and 0.27 µg L-1, respectively.  However, no detectable trace of BPA was found in 
seawater.  These results were in good agreement with most environmental monitoring 
reports showed that the concentrations of BPA in water bodies are typically lower 
than 1 µg L-1 [462]. 
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Table 4.2  Concentration of BPA found in environmental water samples. 
Sample pH Concentration (µg L-1)  (RSD, %, n = 3) 
Canal water 7.55 0.99 5.4 
Pond water 7.18 0.27 13.5 
Seawater 7.78 nda nab 
 
a Non-detected or below the limit of quantification. 
b Not applicable. 
 
 In order to evaluate the accuracy of the proposed method, the relative recovery, 
defined as the peak area ratio between genuine water and ultrapure water spiked with 
the same concentration (5 µg L-1), was determined (Table 4.3).  The recoveries 
obtained for three water samples ranged between 98.8 and 112.0%, with RSD less 
than 6.4%, implying that the matrix effects were negligible, and the present method is 
applicable to real sample analysis. 
 
Table 4.3  Relative recovery obtained by proposed technique on spiked 
environmental water samples. 
 
Sample Recoverya (%) (RSD, %, n = 3) 
Canal water 112.0 6.4 
Pond water 100.1 1.9 
Seawater 98.8 4.0 
 
a Spiked with 5 µg L-1 of BPA. 
 
 Figure 4.10 depicts the representative chromatograms of the extract from (a) 
spiked ultrapure water sample and (b) canal water sample after extraction by proposed 







Figure 4.10  GC-MS chromatograms of AA-DLLME combined HF-LPME extract of 
(a) spiked ultrapure water sample containing 50 µg L-1 of BPA, and (b) canal water 
sample, Optimal extraction condition: extraction time, 10 min; stirring speed, 700 rpm; 
sample volume, 4 mL; sample pH, 7; NaCl concentration, 20% (w/v); extraction 
temperature, 25 oC; AA-DLLME extraction solvent, toluene (2 µL); HF-LPME 
extraction solvent, toluene (3 µL); volume injected, 2 µL; injection port derivatization 
reagent, BSTFA (2 µL). 
 
4.4 Conclusions 
A simple, sensitive and viable method combining AA-DLLME and HF-LPME has 
been developed for the extraction and analysis of BPA in water samples.  This novel 
sample preparation method was validated and successfully applied to determine BPA 
in canal water, pond water and seawater samples.  The target analyte was first 
extracted by AA-DLLME without disperser solvent, followed by HF-LPME and 
injection port derivatization with BSTFA prior to GC-MS analysis.  Under the 
optimal extraction condition, high extraction efficiency and excellent limit of 
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detection in nanogram per liter were achieved, as compared to other solventless 
microextraction techniques.  A very good recovery and repeatability was obtained in 
various water matrices.  The flexibility in using wider range of solvents expanded the 
applicability of DLLME, while the elimination of discrete step such as centrifugation 
indicating the possibility of automation for this combination method.  In addition, its 
simplicity and much lower solvent consumption making current method an 






















Conclusions and Recommendations 
 
5.1 Concluding Remarks 
Freshwater resources are fundamental for maintaining human health, agricultural 
production, economic activity as well as critical ecosystem functions [515].  As the 
world population soars from 7 billion now to 8 billion by 2025 [516], the Earth's 
water supplies is under unprecedented pressure [517].  There are substantial water 
resources on the blue planet, but only limited freshwater stocks are accessible [515], 
thus freshwater will become the oil of the 21st century [518].  Unlike oil, freshwater 
has no substitutes.  When the demand for water rises exponentially [519], it will 
reshape global economies, geopolitical alliances, and maybe even cause next wars 
[520,521]. 
 
 Human activities often accompanied by overexploitation and incessant water 
pollution, which potentially cause depletion of water resources [6].  Aqueous 
environmental monitoring is essential to protect global water resources and achieve 
sustainable development.  Because of the complexity of the environmental water 
samples and trace amounts of the organic analytes, sample preparation is part and 
parcel in the analytical process.  Sample preparation is aimed to extract, isolate, and 
concentrate the target analytes from complex matrices into a compatible form, and 
thus improve the selectivity, detectability, reliability, accuracy and repeatability of the 
analysis.  Recently, solventless microextraction techniques is outdoing the 
conventional sample preparation methods in environmental analysis, due to the 
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continual search for solvent-free alternatives, miniaturization, simplification of 
procedures, adaptability to field sampling, and automation. 
 
 In this dissertation, the development of fast, precise, accurate, sensitive and 
environmentally friendlier methodologies based on SPME and LPME for the trace 
analysis of organic pollutants in environmental water samples was reported.  In the 
SPME based sampling technique, the polymeric Kevlar fiber was employed as a novel 
sorbent for the extracting and analyzing trace PAHs and parabens in rainwater and 
wastewater samples, respectively.  Owing to its robustness, Kevlar fiber was used as 
an extraction device directly without any fabrication.  When the optimized approach 
coupled with HPLC-FLD and HPLC-UV respectively, high extraction efficiencies 
and satisfactory limits of detection at low nanogram per liter levels were achieved.  
Additionally, cost-effectiveness of this method was proved by repeated use of a single 
fiber without deterioration in extraction capability and free of carryover effects.  
Moreover, the good storage performance of the Kevlar fiber also demonstrated the 
portability of this novel technique for the on-site sampling during environmental 
analysis. 
 
 In the LPME based sampling technique, two solvent microextraction 
techniques, including AA-DLLME and HF-LPME, were combined and successfully 
applied for the extraction and determination of BPA in canal water, pond water and 
seawater samples.  Using injection port derivatization in GC-MS analysis, excellent 
limit of detection, good recovery and repeatability were achieved for various 
environmental water matrices.  The elimination of disperser solvent in this newly 
developed method greatly reduced the solvent consumption, and also expanded the 
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choice of solvents for classical DLLME.  In addition, coupling with hollow fiber 
provided effective cleanup for complex matrices and eliminated the cross 
contamination problems.  Therefore, combination of AA-DLLME and HF-LPME 
greatly improved the extraction efficiency, experimental robustness and allowed 
automation.   
 
 In conclusion, this study extended the applicability of SPME and LPME based 
sample preparation methods in environmental analysis.  With merits of low cost, 
simple experimental setup and easy operation, the developed techniques proved to be 
rapid screening techniques to yield detailed information on the sources, distribution 
and fate of trace organic pollutants in aqueous environment, besides easily accessible 
to all analytical communities.  Lastly, the proposed methods are green and chemically 
sustainable, and have great potential for portability and field applicability. 
 
5.2 Future Outlook 
Assessing the impact of trace pollutants in aquatic environment is a challenging task, 
because there is no single extraction method that works universally for all analytes 
and all matrices.  Each of these techniques has advantages and disadvantages, 
therefore judicious selection of sample preparation is critical for obtaining reliable 
and informative analytical results.  There are still considerable room to improve the 
effectiveness and efficiency of our proposed techniques. 
 
 The main goals in searching advanced materials as novel sorbents for 
microextraction techniques are to achieve better selectivity, improve adsorptive 
capability, provide extraction media with enhanced thermal, chemical and mechanical 
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stability, as well as to improve the lifetime of the extraction media [522].  In addition 
to current proposed Kevlar fiber-based SPME, it is highly worthwhile to investigate 
the potential of other polymeric fibers such as Zylon, Nomex and Technora [358] as 
well as nanofiber [523] in order to enrich the sorbent selection for SPME applicability. 
 
 In some SPME process, a fiber rinsing step was applied after extraction.  The 
incorporation of this step is to improve the reproducibility of the analysis by removing 
any analyte loosely attached to the surface of the fiber by surface tension [524].  
Therefore, for the Kevlar fiber-based SPME method, a short rinsing step is 
recommended after the extraction.  From the practical point of view, this addition step 
should be applied immediately after the extraction using a weak solvent (e.g. ultrapure 
water) for a short time (e.g. 5 s) to prevent analytes accidentally desorbed from the 
fiber. 
 
 The classical DLLME is preferred due to its speed and simplicity compared to 
other solvent microextraction, although its green credential is questionable.  Recently, 
a interesting method termed IL/IL-DLLME [525] was developed as a novel variation 
of DLLME.  Instead of using hazardous organic solvent, two kinds of ILs, 
hydrophobic IL and hydrophilic IL were used as extraction solvent and disperser 
solvent in the extraction step, respectively.  Therefore, a possible approach for future 
work is using two different hydrophobic ILs in AA-DLLME combined HF-LPME 
methodology for enrichment and analysis of environmental pollutants.  
 
 The analysis of emerging contaminants (ECs) [526-528] in the freshwater 
environment and establishing the corresponding acceptable daily intakes allows us to 
137 
 
better prioritize research needs and regulation of chemical use.  However, limited data 
are available regarding the occurrence of ECs in the freshwater environment because 
of the difficulty and expense involved in analysis, and most sampling and analysis 
protocols have focused on regulated compounds [529].  Hence, future research will 
continue to be focused on specific ECs that pose the greatest human health risk, and 
also on obtaining data that are not well reported, in order to better understanding of 
human health risk from ECs in the freshwater environment. 
 
 It is also recommended that, in future work, these two developed 
microextraction methods be applied to other type of environmental samples, such as 
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